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ABSTRACT
Caudal dysplasia describes a range of developmental disorders that affect normal
development of the lumbar spinal column, sacrum and pelvis. An important goal of the
congenital malformation field is to identify the genetic mechanisms leading to caudal
deformities.

To identify the genetic cause(s) and subsequent molecular mechanisms I turned to an
animal model, the rumpless Araucana chicken breed. Araucana fail to form vertebrae
beyond the level of the hips. I performed a genome wide association study to identify
candidate genomic regions associated with the rumpless phenotype, compared to tailed
Araucana. A candidate region of chromosome 2 containing just two genes, IRX1 and
IRX2, was identified. In situ hybridization analysis showed that a gain-of-function
mutation resulted in both genes being misexpressed at the onset of secondary neurulation
in the caudal organizer progenitor population. The caudal progenitor population has a
bipotential fate, contributing cells to both mesoderm and neural lineages. This finding is
significant because it is the first identified instance of a gain-of-function mutation
resulting in axial truncation.

The main question that arises from this novel finding is what is the functional mechanism
leading to axial truncation? Possibilities include: the effect on the balance of cell fates
within the progenitor population, on proliferation and apoptosis, on cell ingression, and
the effect on molecular signaling within caudal tissues. Whereas none of these is
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mutually exclusive, I wanted to identify the single molecular event that triggers the
cascade of downstream changes that results in axial truncation. I functionally examined
each potential to determine the sequence of events in affected Araucana embryos.

Based on the results of this study, I propose a model of development where initial
misexpression of the two proneural Iroquois gene family members directs the bipotential
progenitor population toward the neural lineage. This results in premature reduction of
the progenitor population due to 1) the withdrawal of neuralized cells from the cell cycle,
2) reduced ingression of new progenitor cells via the ventral ectodermal ridge 3) reduced
proliferation rates resulting in a failure to extend the axis that then results in 4) early
termination of axial elongation and widespread apoptosis.

In conclusion, I have identified a novel genetic basis for axial truncation that sheds light
on the molecular mechanisms operating during secondary neurulation and axial
elongation.
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CHAPTER ONE
INTRODUCTION
Morphological processes involved in axis elongation
Axis elongation first occurs in embryogenesis during gastrulation. Gastrulation describes
the movement of cells through a groove in the epiblast layer of the embryo, called the
primitive streak. Epiblast cells ingress through the primitive streak to form the endoderm
and mesoderm, forming the triblastic embryo. The remaining epiblast will form the
ectoderm layer. Cells of the ectoderm form the neural plate, which will fold to become
the neural tube and the surface ectoderm. Following ingression, mesodermal cells will
form the head, heart, paraxial, intermediate and lateral plate mesoderm. As the embryo
elongates, the presomitic mesoderm becomes segmented into somites in an anterior to
posterior direction [1]. Somites are bilateral repeating epithelial spheres that form on
either side of the developing neural tube. Once formed, the somites are no longer
considered as presomitic mesoderm, rather they become paraxial mesoderm. Somites
differentiate to form dermis, muscle, and vertebrae [1,2] (Fig. 1A). Somites can be
divided into two primary compartments, the sclerotome (forms the axial skeleton) and
dermomyotome (forms the dorsal dermis and skeletal muscles) (Fig. 1A) [2,3]. As the
numbers of somites can be readily quantified, they provide a visual measure of progress
of axis elongation.

In chicken, the first four somites and the anterior half of the fifth somite contribute to the
occipital bone, but do not contribute to vertebrae [4]. The remaining somites contribute to

form thirteen cervical vertebrae, seven thoracic vertebrae, fourteen lumbar and sacral
vertebrae (lumbar and sacral vertebrae fuse together), five caudal vertebrae and six
posterior most vertebrae, which fuse to form the mature pygostyle [5]. Prior to formation
of the vertebrae, the sclerotome portion of the somites undergoes resegmentation [6]. The
anterior sclerotome of one somite will migrate and fuse with the posterior sclerotome of
the somite anterior to it, and this resegmented structure will form the associated vertebra.
The posterior sclerotome is cell dense, and does not allow migration of elongating motor
axons from the neural tube through, necessitating resegmentation of the anterior and
posterior halves of the sclerotome (referred to as von Ebner’s fissure) to allow for
nervous innervation of the periphery [6].

Somites form at regular intervals during development, with the rate of formation differing
between species [7]. For example, zebrafish form one pair of somites every 30 minutes,
compared to chicken every 90 minutes and mice every 120 minutes [1,7]. Chickens form
between 51-53 somites during embryogenesis. Since somites form the vertebrae,
differences in somite number equates to variation in the number of vertebrae between
species. For example, some species of frogs having only 6-9 presacral vertebrae,
compared to the common corn snake, which has 226 presacral vertebrae (Fig. 1B-C)
[7,8].
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Figure 1: Somites are the precursors to the vertebrae.
A: Somites form from anterior to posterior, segmenting the presomitic mesoderm. Somites break down to
form the sclerotome, myotome, and dermatome. The sclerotome forms the vertebrae, the myotome forms
muscle, and the dermatome gives rise to the dermis. Adapted from Maroto et al., 2012 [2].
B: The corn snake skeleton showing over 200 vertebrae. The number of somites formed during
embryogenesis is associated with the number of vertebrae formed. Adapted from Gomez et al., 2008 [7].
C: Frog skeleton illustrating a low number of vertebrae. Adapted from Richardson et al., 1998 [8].
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Morphogenesis of the caudal embryonic axis occurs during posterior axis elongation
The staging of chicken embryos uses the Hamburger and Hamilton (HH) table of normal
stages [9]. Images of embryonic stages that I will commonly refer to are shown below
(Fig. 2). Primary body formation begins at gastrulation and is followed by the formation
of the head, trunk and limbs [1]. Secondary body formation describes the process of body
elongation beyond the anus, which requires a distinct process from primary body
formation. In chicken, secondary body formation begins when the remnant of the
primitive streak has regressed to the posterior of the embryo and forms a mass of
mesenchymal cells, which then becomes the tailbud at approximately HH14 (Fig. 2 and
3A) [9,10,11]. This early tailbud is defined as a dense posterior group of cells continuous
with the most posterior extend of the neural tube and notochord [10]. The tailbud itself
then elongates becoming delineated from the surrounding tissue (Fig. 3B-C). Sections of
the tail reveal that the neural tube runs posterior until it meets the rostral tailbud, which
appears as a mesenchymal cell mass (Fig. 3D-G). In chicken embryos, the tail continues
to grow, eventually curving 180° underneath the ventral body to point towards the head.
Only later does the tail straighten out in line with the primary body axis. The process of
secondary body formation is unique in that both neural cell lineages and mesoderm
lineages arise from a single mesenchymal progenitor population.
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Figure 2: Hamburger and Hamilton (HH) stages of chicken embryo development.
HH14-20. For older embryos, embryonic day (E) will be used as a reference to the number of days the egg
has been incubated. Anterior to top. Note the growth of the tail during these stages, which curves ventrally
to point back towards the head of the embryo. Image from Hamburger and Hamilton, 1951 [9].
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Figure 3: Morphogenesis of the tailbud.
A: Arrows denote the forming posterior body fold of the tailbud at HH14.
B: Delineation of the tailbud from the surrounding blastoderm at HH15.
C: At HH17 tailbud is clearly delineated from surrounding tissue, growth continues, and the limb buds
become observable. Insert is image of HH20, ventral view.
D: Dorsal view of HH15 embryo.
E: Transverse section from D. Taken at level of posterior neural tube and the beginning of the tailbud. Note
the end of the neural tube, and the beginning of the tailbud mesenchyme.
F: Transverse section from D. Taken at level of tailbud. The tailbud consists of mesenchymal tissue that is
beginning to form the paraxial mesoderm and neural tube.
Images A-F adapted from Schoenwolf, 1979 [11].
G: Sagittal section of HH20 tail.
A-D posterior at bottom of image. E-F dorsal up, G dorsal to left. A-allantois, LB-leg bud, N-notochord,
NT-neural tube, PG-primitive groove, PM-paraxial mesoderm, PR-primitive ridge, PS-primitive streak, Ssomite, SE-surface ectoderm, TBM-tailbud mesenchyme, VER-ventral ectodermal ridge.
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Differences between primary versus secondary body formation
During primary body formation the presomitic mesoderm is derived from the gastrulating
cells that ingress through the primitive streak and the neural tube is derived from the
ectoderm of the neural plate [1]. During secondary body formation, the presomitic
mesoderm is derived from a combination of cell ingression through the ventral
ectodermal ridge (VER) and proliferation within the tail, specifically the progenitor
population [12,13,14]. The VER arises from the remnant of the primitive streak as it
reaches the posterior of the embryo and involutes to become the ventral part of the tail
(Fig. 4A) [15,16]. The VER appears in sections as an ectodermal thickening continuous
with the adjacent tail mesenchyme [14].

In chicken embryos, formation of the VER occurs between HH16-18. The ectoderm and
tail mesenchyme are separated by a basal lamina. Additionally, the ectoderm is held
tightly together by cell-cell adhesion molecules [12]. As the VER forms, cells undergo an
epithelial to mesenchymal transition and migrate into the tail mesenchyme (Fig. 4F-G)
[12]. This requires the breakdown of the basal lamina as well as the down regulation of
E-cadherin, a cell-cell adhesion protein (Fig. 4B-E). Fate mapping shows that these cells
contribute to the tailbud mesenchyme, paraxial mesoderm, and gut tissue. Migration of
cells through the VER and into the tailbud mesenchyme continues until HH24, when the
basal membrane is re-established and cells are prevented from migrating through the
ventral ectodermal ridge. Ingression of cells through the VER into the tail mesenchyme is
considered the final phase of gastrulation.
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Figure 4: Formation of, and migration into, the ventral ectodermal ridge.
A: Sagittal illustration at HH14 showing how the remaining primitive streak (red) begins to fold under
ventrally. During folding, the primitive streak contributes to the forming VER (blue). Anterior to right.
B: Sagittal whole mount HH18 chick tailbud. Scale bar: 400µm..
C: Transverse section of tailbud at level indicated in B. Scale bar: 100µm.
D: Zoomed view of VER. Scale bar: 50µm.
E: Transverse section of the breakdown of laminin and E-cadherin. Scale bar: 50µm.
F: HH20 chick tailbud labeled with DiI.
G: Transverse section at level indicated in F. DiI labeled cells (arrows) can be seen migrating into the tail
through the VER. Above images adapted from Ohta et al., 2007 [12].
Abbreviations: cl-cloaca, cm-cloacal membrane, hg-hind gut, no-notochord, nt-neural tube, ps-primitive
streak, psm-presomitic mesoderm, tb-tailbud, tvm-tail ventral mesoderm, ver-ventral ectodermal ridge.
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During primary body formation the primitive streak is comprised of the primitive pit, the
primitive node, and the primitive groove. The node-streak border consists of the primitive
node and the anterior primitive groove. Cells from this area contribute to the somites,
neural tube, and notochord (Fig. 5A) [15,17,18]. In addition, the caudo-lateral epiblast,
which extends posterior from the node-streak border, contributes to the neural tube and
somitic tissue (Fig. 5A) [18]. During secondary body formation, the chordoneural hinge
comprises of the posterior ventral neural tube and notochord, and is derived from the
node-streak border and the caudo-lateral epiblast (Fig. 5B-B’) [18]. The chordoneural
hinge also contributes cells to the neural tube, notochord, and somites, and is proliferative
throughout tailbud development (Fig. 5C) [13,15]. As the chordoneural hinge contributes
cells to both the mesoderm (somites) and ectoderm (neural tube), this suggests that these
cells are multipotent. Further evidence comes from chordoneural hinge derived cells
being able to form both neural and mesodermal tissue even after passaging multiple times
in cell culture [13,19].
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Figure 5: Formation and contribution of the chordoneural hinge.
A: HH9 chick embryo with node-streak border (NSB) and caudal lateral epiblast (CLE). Both of these
populations contribute to the future chordoneural hinge (CNH).
B: HH18 chick embryo.
B’: View of tail, showing position of CNH (red box). The CNH consists of the caudal posterior neural tube
(NT) and the posterior notochord (NC). A-B’ adapted from Wilson et al., 2009 [18].
Abbreviations: R-rostral, C-caudal, TB-tailbud, S-somite, PS-primitive streak, TBM-tailbud mesoderm, Nnode.
C: Mouse embryo tail showing CNH. The CNH contributes to the neural tube, notochord, and tailbud
mesoderm. Image adapted from Cambray and Wilson, 2002 [19]. Anterior to left.
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During primary body formation, primary neurulation occurs with the formation of the
neural tube from the neural plate [20,21]. Formation of the neural tube occurs when
folding of the neural plate first creates the neural groove, which acts as the ventral hinge
point around which the neural folds rise up, meeting at the dorsal lips, to form a hollow
tube [21]. This differs from formation of the neural tube during secondary body
formation (secondary neurulation), where the neural tube forms from the mesenchyme of
the tail [16,22]. Cells located dorsally within the tail are specified to become neural, and
form into a rod like structure called the medullary cord (Fig. 6A). The medullary cord
undergoes cavitation to form an open lumen, which then becomes connected to the lumen
of the primary neural tube, forming the complete neural tube [11,16,22].
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Figure 6: Formation of the medullary cord.
A: Sagittal section of E4 chicken embryo. The posterior of the medullary cord can be seen at the dorsal tip
of the tail (arrow). Dorsal to the left, anterior up. Asterisk-tailbud mesenchyme. Abbreviations: nt-neural
tube, n-notochord, s-somite. Adapted from Schoenwolf, 1981 [16].
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Bipotential fate model
Tissues such as the node-streak border and later chordoneural hinge contribute cells to
both a mesoderm (somites) and ectoderm (neural) fate [13,18]. During secondary body
formation, posterior FGF signals act to maintain the mesenchyme cells of the tailbud in
an undifferentiated state [23,24]. Expression of a number of genes is required to direct
these cells to form either mesoderm or neural lineages. Expression of TBX6, WNT3A, and
brachyury is required to maintain mesoderm identity and form the somites, the loss of
which causes truncation of the axis [25,26,27,28,29,30,31,32].

Knockdown of TBX6 leads to a switch in cell fate from mesodermal to neural [29,30]. In
TBX6 knockout mice, instead of forming somites the paraxial mesoderm forms two
ectopic neural tubes on either side of the neural tube [30]. In mice, TBX6 acts to inhibit
the N1 enhancer of the neural gene, Sox2, in cells that will form the paraxial mesoderm,
whereas the cells that are not exposed to TBX6 will express Sox2 and are fated to become
neural (Fig. 7A) [27].

Knockdown of WNT3A expression leads to a decrease in the paraxial mesoderm and an
increase in neural tissue in the form of an expanded neural tube (Fig. 7B) [28,33]. Similar
to the inhibition of TBX6, inhibition of WNT3A causes cells to contribute to the neural
lineage instead of mesoderm [33,34]. However, WNT3A inhibition does not lead to
ectopic neural tubes as in TBX6 knockouts. Rather, the neural cells fail to migrate
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laterally, and instead form a mass of neural tissue medially expanding the diameter of the
neural tube [29,35].

Furthermore, WNT3A is involved in a regulatory loop with brachyury, whereby
downstream effectors of WNT3A signaling directly bind the brachyury promoter and
prevent transcription [26]. Loss of brachyury leads to a failure to form mesoderm,
resulting in axis truncation as can be seen in the T knockout mouse [26,32]. These data
strongly suggest that the progenitor population involved in axis elongation consists of
cells capable of contributing to either mesodermal or neural tissues.
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Figure 7: Bipotential fate model.
A: The role of enhancer N1 in the regulation of SOX2, and the determination of neural versus mesoderm.
Axial stem cells exposed to SOX2 form neural tissue. In the presence of TBX6, enhancer N1 is blocked
and SOX2 is not expressed. This results in mesoderm developing. Adapted from Takemoto et al., 2011 [27].
B: A model of bipotential fate in zebrafish. WNT signaling acts to specify a mesodermal fate in the
bipotential cells of the tailbud. WNT signaling further specifies paraxial mesoderm from the pool of
mesodermal precursors. Image from Martin and Kimelman, 2012 [33].
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Signaling and cell cycling processes involved in axis elongation
The process of axis elongation and somitogenesis are heavily dependent on signaling
gradients and the correct expression of transcription factors to maintain a pool of
progenitor cells in order to continue elongation, and to properly differentiate those cells
that will give rise to either the paraxial mesoderm or the neural tube. Significant work has
been done to model and understand the signals and patterning required for proper
somitogenesis [1,18,36].

The regular formation of somites every 90 minutes in chicken embryos suggests a
mechanism for precisely controlling differentiation and epithelialization of somites. Cells
within the tailbud remain undifferentiated and as they move into the presomitic
mesoderm they maintain their undifferentiated state [1,36]. However, as the axis
continues to extend and these cells and the determination front coincide they begin to
differentiate and form somites. This suggests two processes. The first is that a gradient
exists to identify cells as being anterior/posterior. The second process requires a regular
or rhythmic occurrence that would cause cells to differentiate into somites every 90
minutes. The clock and wavefront model of somitogenesis describes these processes
[1,37].

Determination front
The anterior posterior identity of the somite is determined by a dual gradient. FGF, a
secreted signaling factor, is highly expressed in the developing tailbud (Fig. 8A-B)
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[23,24,38]. There, FGF and WNT signaling act to co-regulate each other; with FGF
signaling maintaining cells in an undifferentiated state [23]. Two FGF secreted signaling
factors set the anterior limit of the determination front; FGF8 and FGF4. These were
determined in mice mutants where severe shifts in the wavefront, as well as premature
differentiation of the presomitic mesoderm, were only present in mice with a dual
knockout of FGF4 and FGF8 [23,24].

In opposition to the low anterior/high posterior gradient of FGF, a gradient of retinoic
acid exists. Retinoic acid is increased anteriorly and lower posteriorly (Fig. 8B). This is
due to the expression of Raldh2, a retinoic acid-synthesizing enzyme, which is highly
expressed in the rostral paraxial mesoderm [39,40]. In addition, CYP26A1, a cytochrome
p450 enzyme that degrades retinoic acid is highly expressed within the tailbud [41].
Studies in chicken embryos using ectopic FGF protein, or inhibitors of retinoic acid,
resulted in a lack of differentiation of somites from the presomitic mesoderm [42]. These
opposing gradients form the determination front, the point at which cells become capable
of segregating based on their anterior position within the presomitic mesoderm [43]. As
the determination front moves caudally the rostral most presomitic cells are now exposed
to low levels of FGF and high levels of retinoic acid, resulting in a change in the cells’
bistability state [1,36]. At this point the presomitic mesoderm cells are primed to undergo
segmentation into somites, but are awaiting an additional signal.
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Figure 8: Clock and Wavefront model of somitogenesis.
A: FGF and WNT signaling coregulate each other within the tailbud, as well as maintain the PSM. As the
axis elongates and cells are displaced more anteriorly, FGF no longer inhibits differentiation and cells
begin to form epithelial somites. Image from Naiche et al., 2011 [23].
B: Model for bistability states between FGF/WNT and retinoic acid. As the levels of FGF/WNT decrease
and retinoic acid decrease, there is a switch in the state of the cells. A periodic trigger, allowing the sudden
change, stimulates this rapid switch. Image from Aulehla and Pourquié, 2010 [36].
C: Loop between NOTCH and LFNG creates a cyclical loop, or clock. NOTCH activates cyclical gene
expression, but is then down regulated by up regulated LFNG. Adapted from Dale et al., 2003 [44].
D: The clock and wavefront model. Cyclic (clock) expression drives a traveling (wavefront) wave of
expression from posterior to anterior. The determination front (black line) is set by the decreasing gradient
of FGF and increasing retinoic acid. When the traveling wavefront reaches the determination front, those
cells are triggered to differentiate and form epithelial somites. The clock then resets and the process begins
again, continuously moving posterior as the axis elongates. Anterior to top. Image from Dequéant and
Pourquié, 2008 [1].
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Molecular oscillator (clock) is responsible for the timing of somite formation
Only once the determination front has moved caudally, beyond the rostral most
presomitic mesoderm cells are they capable of responding to the molecular oscillator, or
clock. Notch1 has been implicated in the cyclic gene network as periodic expression of
genes downstream of Notch1 show cyclic expression, including hairy and lunatic fringe
(Lfng) [44,45,46]. LFNG expression in chicken embryos cycles every 90 minutes,
defining a region just posterior to the last formed somite pair, specifying the following
pair of somites. [44]. This cyclic signal is controlled through a negative feedback loop
that controls the periodic expression of Notch and downstream effectors (Fig. 8C).
Studies using ubiquitous overexpression of LFNG lead to a truncated axis and failure of
somitogenesis [44]. These data indicate that the cycling of LFNG is required for the
proper periodic patterning of somites [44].

Only when cells of the presomitic mesoderm have moved anterior to the point where they
have reached the determination front, and the oscillating clock of gene expression has
reached them, do they differentiate to form epithelial somites (Fig. 8D) [1]. This can be
seen with markers such as MESO1, which label the competent presomitic mesoderm,
transitioning to form the next somite [47,48]. This expression also acts to down regulate
expression of the presomitic marker, TBX6 [1]. Only by continually elongating the axis
does the source of the oscillation signals, the tailbud, move far enough away from the
rostral presomitic mesoderm to continue to form new somites in a highly orcastrated
series of signaling events.
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Termination of axis elongation and somitogenesis
As the determination front moves posteriorly, cells are exposed to increasing levels of
retinoic acid and decreasing levels of FGF. Premature exposure to retinoic acid, or down
regulation of Cyp26a1, which metabolizes retinoic acid leads to a truncated axis through
premature differentiation and down regulation of signals, such as WNT3A, which are
required for tailbud progenitor maintenance [28,40,41,49,50]. The termination of
somitogenesis occurs when the remainder of the tailbud progenitor population is exposed
to retinoic acid and undergoes apoptosis [39,40]. The mechanism governing Raldh2
expression within the tailbud has yet to be identified. Beginning at HH15, the presomitic
mesoderm is reduced in size at each successive stage until the remaining tissue is
approximately the same size as the last somite at HH25 [39]. It is likely that this
continued shortening of the presomitic mesoderm results in exposure to retinoid signaling
in the posterior of the embryo tailbud, terminating somitogenesis and removing any
remaining cells through apoptosis [39].

Premature exposure to retinoic acid leads to a truncated axis through premature
differentiation and down regulation of signals, such as WNT3A, which are required for
tailbud precursor maintenance [28,40,41,49,50]. In addition, exposure to retinoic acid
down regulates FGF signaling, which is followed by the down regulation of TBX6,
brachyury, and CYP26A1 (Fig. 9A-N) [39,40]. Following down regulation of these
signals, there is an increase in programmed cell death within the posterior most cells of
the tailbud (Fig.12 O-Q) [14,39,40]. Ectopic exposure of the tail to retinoic acid caused
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the tailbud population to undergo premature apoptosis, leading to a truncated axis
[40,50]. The role of programmed cell death in the tailbud remains unclear, but is
suggested to remove any remaining undifferentiated tailbud cells at the end of
somitogenesis (Fig. 9R) [14,39,40].

Studies suggest that although cells contributing to secondary body axis formation are
proliferating, the most caudal tailbud population becomes non-proliferative [10,14]. It is
unclear what level of proliferation is required for continued elongation of the tail.
Furthermore, little work has been done to quantify cellular proliferation in the cell
populations of the tail during the end of somitogenesis.
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Figure 9: Termination of axis elongation and somitogenesis.
A-N: Somitogenesis in chicken embryos ends between HH24-27, and is marked by the down regulation of
several genes involved in maintenance of the tailbud progenitor population or specifying mesoderm. These
include WNT3A (A-B), TBX6 (C-E), FGF8 (F-H), BRA (I-K), and CYP26A1 (L-N).
O-Q: Apoptosis is widespread during axis elongation, but becomes specific to the posterior most tailbud at
the end of somitogenesis. Labeled by TUNEL.
A-E adapted from Tenin et al., 2010 [39]. Dorsal right, anterior up.
F-Q adapted from Olivera-Martinez et al., 2012 [40]. Anterior to right. A-K and O-Q sagittal view, L-N
dorsal view.
R: The current model of the signals involved in the end of somitogenesis. Beginning at HH22, FGF no
longer inhibits retinoic acid production or signaling, followed by a decrease in CYP26A1. By HH24 retinoic
acid is expressed in the tailbud, which begins to inhibit FGF signaling. At HH27 FGF signaling is
completely down regulated, and the remaining posterior most cells are undergoing apoptosis, with no more
somites formed. Image from Olivera-Martinez et al., 2012 [40]. MP-mesoderm precursors.
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Pathologies involving axis elongation and patterning
The term caudal dysplasia refers to varying degrees of developmental disorders involving
the lumbar spinal column, sacrum and/or pelvis. These disorders are congenital, with the
structures being malformed before birth. An example of a failure to form the correct
number of vertebrae in humans is caudal regression syndrome. Individuals with caudal
regression syndrome fail to form the caudal most vertebrae, including the coccyx (Fig.
10A) [51,52,53]. In addition, those with caudal regression syndrome often have lower
limb deformities and deficiencies in innervation of the bladder and lower digestive tract
[51,52]. The etiology and pathogenic mechanisms of such abnormalities have not been
fully elucidated [2].

Genetic factors and teratogens are considered to be important predisposing elements. This
includes teratogens such as retinoid and predisposing factors such as maternal diabetes
[54,55]. Caudal regression syndrome has an estimated incidence of 1:25,000 to 1:60,000
births, however, in women with a maternal history of insulin-dependent diabetes mellitus,
there is a 200 fold increased chance of having a child with caudal regression syndrome
[51,52,56]. Mutations in the genes Hlxb9, WNT3a, T-Brachyury and Lfng have been
identified as causative of axis truncation in humans and animal models
[2,32,37,57,58,59,60]. However, despite this body of knowledge, many caudal dysplasias
have no identified etiology or pathogenic mechanism.
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Much of the knowledge regarding the mechanisms surrounding axis truncation has come
from animal models of axis truncation, such as the T-brachyury mouse, the vestigial tail
mouse, and zebrafish with a mutation in the no tail (NTL) gene (Fig. 10B-C) [32,35,59].
It is logical then, that the study of additional models of axis truncation could yield novel
genes and pathways required for proper axis elongation. The Araucana breed of chicken
is a model of axis truncation, as it lacks the caudal vertebrae and associated soft tissue
(Fig. 10D). As the dominant rumpless phenotype in chickens has not been studied since
1942, I propose to use Araucana as a model to study the genetics and morphogenesis
responsible for axis elongation.
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Figure 10: Examples of axis truncation.
A: Newborn monozygotic twins. The child on the right has caudal regression syndrome (white arrowhead).
Image adapted from Zaw and Stone, 2002 [51].
B: Mouse heterozygous for T mutation (T11J). Note shortened, kinked tail (white arrowhead). Image from
http://mousemutant.jax.org/images/nm4509T11Jpost.jpg. Accessed July 26, 2013. Image courtesy of The
Jackson Laboratory.
C: Zebrafish embryo with mutation in NTL. Note the shortened and kinked tail (white arrowhead). Image
from Amacher et al., 2002 [59]
D: Araucana rumpless chicken with the breed specific rumpless phenotype. Note the complete absence of
the tail and tail feathers (white arrowhead). Image courtesy of Fritz Ludwig, Araucana Club of America.
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Origin and breed characteristics of the Araucana chicken
The Araucana is a breed of the species Gallus gallus domesticus. The origin of Araucana
has raised some debate, but evidence suggests an origination in Chile. Carbon dating
analysis of chicken bone samples from Chile suggests that chickens may have been first
introduced to South America from Polynesia. In addition, when the same chicken bones
were genotyped, their haplotypes matched haplotypes of the current Chilean Araucana,
suggesting Araucana originated from Asia and or Polynesia [61]. However, comparison
of mitochondrial DNA haplotypes of these same samples revealed that they cluster more
closely with chickens of a European descent [62], leading to the controversy surrounding
the origin of the birds.

The North American breed standard of Araucana arose from two separate breeds, the
Colloncas, which is rumpless and lays blue eggs, and the Quetero, which is tufted.
Araucana were first imported into North America circa 1925. However, a breed standard
was not determined until 1976, when the American Poultry Association first officially
recognized Araucana as a breed. The American Poultry Association defines Araucana as
both rumpless and tufted. In addition, Araucana are also known for laying blue eggs. As
of March 2013, the Online Mendelian Inheritance in Animals database listed 206 known
phenotypes in chicken, of which Araucana have three, rumplessness, tuftedness, and blue
eggs (http://omia.angis.org.au/) (Fig. 11A-D). Of these, only the blue egg phenotype has
been identified to the level of the causative mutation. No mutation or mechanism has
previously been described for the tufted or rumpless phenotypes.
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Figure 11: Comparison of the Araucana breed characteristics.
A: Araucana with a full tail (white arrowhead) and clean (no tufts) face.
B: Araucana with no tail (rumpless-white arrowhead) and clean face.
C: Araucana with bilateral tufts (white arrowhead) Image courtesy of Fritz Ludwig, Araucana Club of
America.
D: Blue shelled Araucana egg compared to brown eggs.
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Tufts are feather-covered peduncles that protrude from the side of the head (both sides or
unilaterally) [63] (Fig. 11C). Tuftedness (Et), or ear-tufts, is autosomal dominant
mutation with reduced penetrance of 4-14% [63,64]. Based on inheritance studies, Et is
homozygous lethal, with homozygous embryos dying before hatching [63,64]. The
peduncle in AraucanaEt near the ear canal is thought to arise from failure of the fusion of
the hyomandibular arches, however, no studies have been performed to further
characterize the Et phenotype, or to identify candidate regions or genes associated with
the Et locus [65].

Rumpless chickens lack the caudal vertebrae and associated soft tissue (Fig 11. A-B).
This includes the absence of the free caudal vertebrae, the fused vertebrae of the
pygostyle, and in some cases 1-2 missing synsacral vertebrae [66]. Rumplessness is the
result of an unidentified autosomal dominant mutation (Rp) [67,68,69]. Homozygosity
for the rumpless trait is not embryonic lethal, and does not lead to increased embryonic
mortality, however, chickens that are homozygous rumpless exhibit reduced fecundity
[68].

As no studies on dominant rumplessness in chickens have been carried out since 1942
and no modern molecular approaches have been used to characterize the events of
rumpless embryogenesis. The rumpless phenotype arises during early embryogenesis.
The lack of the caudal vertebrae observed in preparations of rumpless skeletons suggests
a defect in the embryonic formation of the caudal somites [66]. The two competing
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hypotheses are that the somites were degraded after forming, or the full number of
somites never formed [69]. More evidence exists for the latter hypothesis; however, no
further studies have been done to determine the mechanism [69]. Furthermore, it is
unclear what role the chordoneural hinge, ventral ectodermal ridge, cell fate identity,
proliferation and apoptosis may play in the malformation observed in the AraucanaRp
phenotype. By identifying morphological processes involved in the formation of the
AraucanaRp phenotype during embryogenesis, we will better understand their roles in
secondary body formation and somitogenesis.

Identifying candidate region(s) associated with a phenotype
As the mutation responsible for the rumpless phenotype in chickens is unknown, I
propose to identify candidate mutations associated to the rumpless phenotype. By
identifying genetic factors responsible for the AraucanaRp phenotype, we will have a
better understanding of the mechanism responsible for controlling axis length in
vertebrates, and will potentially identify new gene targets in pathologies of axis
elongation. Identification of the causative mutation(s)/inheritable factor(s) will also
provide a starting point to better understand how the rumpless phenotype arises, and
potentially identify novel pathways required for proper axis elongation.

A method to identify candidate genomic regions associated with a phenotype is a genome
wide association study using single nucleotide polymorphisms (SNPs). SNPs are single
base pair differences that occur between corresponding genetic loci or genes of an
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individual, or between the DNA of two individuals of a species, resulting in genetic
variation [70] (Fig. 12A). Alternate versions of a genetic locus are called alleles. The
combination of alleles, that are co-inherited, constitute a haplotype (Fig. 12A).
Haplotypes can change through additional mutations, or through genetic recombination
during gametogenesis. During recombination, SNPs closest to an allele will more often
remain with that allele than SNPs further away, which are more likely to recombine.
Thus, the likelihood of recombination events between any two SNPs on a strand of DNA
decreases the closer they are to each other. This leads to association of SNPs with alleles
that are physically closer together, and therefore inherited together, and is referred to as a
linkage disequilibrium (LD) [70]. When comparing the SNP profiles of an affected and
unaffected population, individuals with a specific allele (causing a known phenotype)
will have an increased chance of sharing a haplotype on the same chromosome, than
unaffected individuals. Therefore, using a genome wide association study of SNPs to
identify shared haplotypes amongst individuals with a shared phenotype allows for the
identification of SNPs associated with the disease, and indicated the candidate genomic
region(s) associated with that phenotype (Fig. 12B) [71,72,73,74]. This approach can
only identify the region of interest and may contain multiple genes. The causative
mutation, be it in the coding or regulatory region of a gene then has to be identified by
further analysis.
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Figure 12: SNPs and haplotyping.
A: An illustration of various SNPs and haplotypes. (a) SNPs identified on the same chromosome between 4
individuals, with each SNP having two possible alleles. (b) Multiple SNPs with varying alleles across each
chromosome is compared, with each chromosome having one of four haplotypes. (c) By examining a few
of the SNPs, all four haplotypes can be determined. Image from The International HapMap Project, 2003
[70].
B: Manhattan plot, illustrating the use of SNP genotyping to identify candidate regions associated with a
phenotype. Region of significance highlighted in yellow. Adapted from Brooks et al., 2010 [71].
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The completion of the first draft chicken genome in 2004, and the subsequent analysis of
breed variation yielded an initial map of 2.8 million SNPs [75,76]. Current maps have
been expanded to include over 7 million reported SNPs [77], approximately 5 SNPs per
kilobase, making SNPs a useful genomic marker [75] [77]. A SNP chip has been
designed for high throughput sequencing of SNPs across the chicken genome [78,79].

Once a region associated with a phenotype is identified, candidate genes within that
region can be studied. Sequencing is then performed to identify potential coding
sequence mutations. However, inheritable factors causative for a phenotype are not
required to be within coding sequences. Mutations are also found within regulatory
regions such as promoters and enhancers, which are distributed across large genomic
regions within vertebrate genomes. The relatively large intergenic regions make it
challenging to identify individual mutations. Densities for SNP chips vary, with the 60k
SNP chip having on average 5-30 kb between SNPs, with haplotype blocks often being
much larger [73,79]. In order to sequence these larger blocks, either enrichment capture
array and next generation sequencing is required, or whole genome resequencing [80].
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No studies have been performed to identify the genetic mutation responsible for dominant
rumplessness in chickens, nor has any current molecular methodology been applied to
characterizing rumpless embryogenesis. The overall goal of my research is to understand
the genetic and molecular mechanisms required for axis elongation by identifying
candidate mutations responsible for the AraucanaRp phenotype, as well as characterizing
morphogenesis during AraucanaRp axis elongation. I proposed three objectives centered
on elucidating the genetic cause and developmental course through which the rumpless
phenotype in AraucanaRp arises.

1) Identification of a candidate region(s) associated with the rumpless phenotype
2) Morphogenesis processes in axis elongation
3) Signaling and cell cycling processes in axis elongation
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Abstract
Araucana chickens are known for their rounded, tailless rumps and tufted ears.
Inheritance studies have shown that the rumpless (Rp) and ear-tufted (Et) loci each act in
an autosomal dominant fashion, segregate independently, and are associated with an
increased rate of embryonic mortality. To find genomic regions associated with Rp and
Et, we generated genome-wide SNP profiles for a diverse population of 60 Araucana
chickens using the 60K chicken SNP BeadChip. Genome-wide association studies using
40 rumpless and 11 tailed birds showed a strong association with rumpless on Gga 2 (Praw
= 2.45 x 10-10, Pgenome = 0.00575), and analysis of genotypes revealed a 2.14 Mb
haplotype shared by all rumpless birds. Within this haplotype, a 0.74 Mb critical interval
containing two iroquois homeobox genes, Irx1 and Irx2, was unique to rumpless
Araucana chickens. Irx1 and Irx2 are central for developmental prepatterning, but neither
gene is known to have a role in mechanisms leading to caudal development. A second
genome-wide association analysis using 30 ear-tufted and 28 non-tufted birds revealed an
association with tufted on Gga 15 (Praw = 6.61 x 10-7, Pgenome = 0.0981). We identified a
0.58 Mb haplotype common to tufted birds and harboring 7 genes. Because
homozygosity for Et is nearly 100% lethal, we employed a heterozygosity mapping
approach to prioritize candidate gene selection. A 60 kb region heterozygous in all
Araucana chickens contains the complete coding sequence for TBX1 and partial sequence
for GNB1L. TBX1 is an important transcriptional regulator of embryonic development
and a key genetic determinant of human DiGeorge syndrome. Herein, we describe
localization of Rp and Et and identification of positional candidate genes.
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Introduction
There are hundreds of domestic chicken breeds worldwide [1]. Breeds were generally
developed for meat and egg production, but morphological traits, plumage color, and
other distinctive characteristics were also selected. The Araucana chicken, originally
from Chile, is a multi-purpose breed initially established for its blue-shelled eggs [1,2].
Araucana chickens are also known for two other distinguishing traits: a rounded, tailless
rump and protruding ear-tufts. Although these traits segregate in the population, the
United States Araucana breed standard requires show birds to possess both phenotypes.

The rumpless phenotype is characterized by the absence of all free caudal vertebrae and
the uropygial gland [3]. Without underlying skeletal support, birds with caudal truncation
lack a fleshy rump and tail feathers [3]. An intermediate rumpless phenotype, wherein
some caudal vertebrae are present but irregularly fused together, is thought to result from
a modifier gene introduced through crosses with non-Araucana tailed chickens [3,4]. The
rumpless phenotype arises from a defect in caudal patterning that is controlled by a
dominant gene (Rp) [3]. Rumpless Araucana chickens may be heterozygous or
homozygous for this locus. In test matings, all rumpless intermediates were determined to
be heterozygous (Rp/rp+) [3]. Homozygosity is underrepresented among chicks from
rumpless to rumpless matings, indicating that the Rp/Rp genotype has reduced viability
[3,5]. Birds having at least one copy of Rp have increased mortality in the embryonic
stage, with death occurring at 17 to 21 days of incubation [3]. Rumpless birds also have
reduced fecundity as adults [3].
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Ear-tufts are feather-covered, epidermal protrusions originating near the ear canal (Figure
1). The mass of tissue forming the protrusion, or peduncle, is believed to develop as a
result of the incomplete fusion of the hyomandibular arches, and it can vary in position
and length (from 2 mm to 2 cm) [6,7]. Tufted chickens may also have structural
rearrangement of the ears [6]. Abnormalities include irregularly shaped external ear
openings and shortened or absent external auditory canals [6].
Inheritance studies indicate that tufted is governed by a dominant locus, Et [6,8]. Test
matings show that all tufted birds are heterozygous (Et/et+) and that homozygosity for Et
is lethal at about 17-19 days of incubation [6,8]. Lethality among a portion of
heterozygous birds is also reported, appearing to occur at 20-21 days of incubation [8].
Post-hatch mortality is significantly higher among tufted chickens [6,8].

Because tufts can occur unilaterally or bilaterally and may differ in size from one side to
the other, Et is proposed to have variable expressivity [6]. In addition, a paucity of tufted
progeny from mating studies in 1978 suggests reduced penetrance of the tufted locus [6].
In 1981, Somes and Pabilonia identified a tufted male that produced excessive tufted
progeny when crossed with an et+/et+ White Leghorn (86%), and they speculated that
Et/Et birds may occasionally reach maturity [8]. The non-tufted chicks from the Et/Et
male produced tufted progeny when crossed with an et+/et+ White Leghorn, indicating
that their predicted genotype does not match their phenotype, providing further evidence
for variable penetrance.
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The aim of our investigation was to localize the genetic bases for the rumpless and tufted
phenotypes of the Araucana chicken. To this end, we generated genome-wide SNP
profiles for 60 Araucana chickens using the 60K chicken SNP BeadChip [9]. Using a
genome-wide association approach, we elucidate the chromosomal regions harboring Rp
and Et and identify strong candidate genes for each trait.
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Results
Case/control analyses were carried out using 40 rumpless and 11 tailed Araucana
chickens (Figure 2a). Seven birds described as having partial tails by their breeders were
excluded from the rumpless association analysis because of uncertainty concerning their
phenotype. A total of 191 SNPs were associated with the rumpless phenotype (Praw ≤
0.0001), 72 of which were located on Gga 2 (Figure 2b). The most significant result
obtained was for SNP Gga_rs13637596, located on chromosome 2 at position 88.95 Mb
(Praw = 2.45 x 10-10, Pgenome = 0.00575). The next two most significant results were for
proximal SNPs located at 89.17 Mb (Praw = 1.20 x 10-9, Pgenome = 0.0119) and 89.19 Mb
(Praw = 1.20 x 10-9, Pgenome = 0.0119).

Analysis of genotypes in the Gga 2 region revealed a 2.14 Mb haplotype (87.99 – 90.13
Mb) predicted to contain five genes (Figure 3). All 40 rumpless birds had at least one
copy of the haplotype: 18 were homozygous and 22 were heterozygous. Partial tailed
birds were heterozygous. The haplotype was absent in its entirety from the 11 tailed
birds. Three tailed birds were heterozygous for partial blocks of the haplotype and further
delimit the critical interval to 0.74 Mb (88.77 - 89.51 Mb). This region contains two
candidate genes: Irx1 and Irx2.

Analyses for association with the tufted phenotype, using 30 cases and 28 controls,
resulted in 31 significant SNPs, 11 of which map to Gga 15 (Figure 2c). The most
significant results were for SNPs Gga_rs10730189 (Praw = 6.61 x 10-7, Pgenome = 0.0981)
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and Gga_rs15762547 (Praw = 9.19 x 10-7, Pgenome = 0.118), located at positions 1.33 Mb
and 1.30 Mb on chromosome 15, respectively. Four other proximal SNPs also reached
significance (Figure 2d).

Analysis of genotypes reveals that 29 of 30 tufted birds shared a haplotype extending
from the telomere of Gga 15 to position 1.75 Mb. These birds were heterozygous for the
complete haplotype. Two of 28 non-tufted birds were also heterozygous for the haplotype
in its entirety. A single tufted bird shared only part of the 1.75 Mb haplotype, defining a
0.58 Mb (0.90 – 1.48 Mb) critical interval that is heterozygous in all 30 tufted birds and
contains 7 genes. Because tufted is nearly always recessive lethal, blocks of
homozygosity for the tufted haplotype were identified to reduce the number of candidate
genes. Homozygosity blocks in three birds flank a 60 kb interval harboring two genes:
TBX1 and GNB1L (Figure 4).
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Discussion
In this study, we used genome-wide SNP profiles to localize genes causative for two
breed-defining phenotypes of Araucana chickens, rumpless and ear-tufts. We took
advantage of the fact that both traits segregate independently in the population by using a
single data set to carry out an association analysis for each trait. Haplotype analyses
based on inheritance patterns were used to identify positional candidate genes for both
traits.

We identified a rumpless haplotype spanning 2.14 Mb and five genes on chromosome 2.
The haplotype is present in the heterozygous or homozygous state in rumpless birds. All
7 birds with partial tails are heterozygous for the rumpless haplotype and likely represent
the intermediate phenotype described by Dunn and Landauer [3]. Because rumpless is
dominant and fully penetrant, we further delimited the critical interval by identifying
regions of the haplotype shared by tailed birds. A 0.74 Mb region common to all
rumpless birds, and absent from 11 tailed birds, harbors Rp.

These data reveal that Rp maps to a region of Gga 2 that is distinct from the predicted
location of genes previously associated with caudal truncation [10-14]. The 0.74 Mb
critical interval contains the iroquois homeobox genes, Irx1 and Irx2. The iroquois genes
encode transcription factors that function in patterning and regionalization of tissues early
in development [15]. Irx1 and Irx2 are prepattern and proneural genes first identified in
Drosophila and Xenopus [16,17]. Studies of gene function suggest that Irx genes have
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redundant yet distinct roles in development [18,19]. Irx genes have been knocked out in
mice and zebrafish with little effect on tail development [19-23]. However, the rumpless
phenotype is dominant, suggesting that misexpression of Irx1 or Irx2 may underlie the
trait, rather than loss of function.

We identified SNPs on Gga 15 that are strongly associated with the tufted phenotype and
define a 0.58 Mb haplotype for which all tufted birds in our cohort are heterozygous. No
birds are homozygous for the complete tufted haplotype. These data support conclusions
from previous inheritance studies that suggest nearly 100% of tufted birds are
heterozygous, and that Et/Et is lethal [6,8].

Two non-tufted Araucana chickens are heterozygous for the tufted haplotype. These birds
may signify reduced penetrance. Penetrance of the tufted allele is estimated to range from
86% to 96% [6,8]. Based on the assigned phenotypes and the associated haplotype, we
observed 94% penetrance in our cohort. Alternatively, these birds may have been
incorrectly phenotyped by their breeders due to short peduncles or missing protruding
feathers.

The 0.58 Mb haplotype harbors 7 protein-coding genes. Unlike rumpless, identification
of the tufted haplotype in non-tufted birds could not be used to narrow the critical interval
because of reduced penetrance. However, because homozygosity for Et is nearly always
lethal, we were able to prioritize candidate gene selection using heterozygosity mapping.
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Tufted birds with blocks of homozygosity extending into the 0.58 Mb common haplotype
were identified, and these regions were deemed less likely to harbor the Et locus. These
data indicate that Et is located in a region containing partial coding sequence for GNB1L,
which encodes a protein implicated in neuropsychiatric disorders [24,25], and complete
coding sequence for TBX1 [26], an important transcriptional regulator of embryonic
development.

Haploinsufficiency for TBX1 is considered to be the key genetic determinant of human
DiGeorge syndrome (DGS), which is caused by a heterozygous chromosomal deletion of
22q11.2 [27]. While the clinical phenotype is highly variable, DGS is characterized by
craniofacial and cardiovascular abnormalities. Malformations in DGS are attributed to
disturbed segmentation and patterning of the pharyngeal structures [28]. Auricular
defects common in DGS include narrow or absent external ear canal and protruding ears
[29]. Homozygosity for null mutations of TBX1 in mice and zebrafish causes a range of
phenotypic effects similar to DGS, including abnormal ear development [30,31]. Based
on phenotypic similarities between the malformations causing ear tufts and DGS, TBX1 is
a highly plausible candidate gene and the primary focus of ongoing work to identify the
genetic basis for ear-tufts in Araucana chickens.

In conclusion, we used genome-wide association and haplotype analyses to localize Rp
and Et to chicken chromosomes 2 and 15, respectively. In addition, we identified
candidate genes that are immediate targets for future work.
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Materials and Methods
Ethics Statement
This study was approved by the Clemson University IACUC protocol number 2011-041
and IBC protocol number 2010-041.

Study Cohort
Whole blood for DNA was collected from 6 different flocks of Araucana chickens from
the United States. Phenotypic information and photographs, when available, were
provided by owners. Birds with tufts of any size and on either side of the head were
classified as tufted. Because both traits segregate in the Araucana population, birds were
selected to ensure that the phenotypes were balanced. Our study cohort comprised 60
Araucana chickens: 21 rumpless/tufted birds, 20 rumpless/non-tufted birds, 7 tailed/nontufted birds, 5 tailed/tufted birds, 5 partial/tufted birds, and 2 partial/non-tufted birds.
Genomic DNA was isolated using the DNeasy blood and tissue kit (QIAGEN, Valencia,
USA) and adjusted to a concentration of 50 ng/uL.

Genome-wide Association Mapping
SNP genotypes were generated using the Illumina 60K chicken SNP BeadChip, which
has 57,636 SNPs across chromosomes 1 through 28, Z, W, and two unmapped linkage
groups [9]. BeadChips were processed by DNA Landmarks (Quebec, Canada), according
to manufacturer’s protocols. Raw data files were analyzed using GenomeStudio’s
Genotyping Module to generate SNP calls. The PLINK Input Report Plug-in v2.1.1 was
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used to format the data. For analysis, Gga 27, Gga 28, Gga Z, Gga W, and
microchromosomes were all identified as chromosome zero. Case/control analyses using
56,685 SNPs were performed using PLINK [32]. Two birds with excessive missing data
were excluded from all analyses. By convention, Praw values ≤ 0.0001 were considered
significant. Permutation testing, using 100,000 iterations, was carried out using PLINK.
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Figure 1. Araucana chicken. (a) General appearance of a rumpless, tufted Araucana chicken. (b) For
comparison, a tailed, non-tufted Araucana chicken.
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Figure 2. Genome-wide association for Rp and Et. After 100,000 permutations, the genome-wide
adjusted P values (-log10 Pgenome) for each SNP are plotted by chromosome (left). The raw P values for the
most strongly associated chromosomes are plotted against chromosomal position (right). (a,b) 40 rumpless
versus 11 tailed Araucana chickens (c,d) 30 tufted versus 28 non-tufted Araucana chickens.
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Figure 3. Localization of Rp. Physical map showing the relative positions of mapped genes and
informative SNP markers within the 2.14 Mb rumpless haplotype on Gga 2. Light blue shading denotes the
rumpless haplotype (alleles are shown in the top row). Dashed lines flank the critical interval wherein no
tailed birds share the rumpless haplotype.
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Figure 4. Localization of Et. Physical map showing the relative positions of genes and informative SNP
markers in the associated region of Gga 15. Alleles of the tufted haplotype and positions are shown. Pale
green bars denote heterozygosity for the tufted haplotype. Black bars denote homozygosity for the tufted
haplotype. Dashed lines mark a 60 kb interval wherein all tufted birds are heterozygous for the haplotype.
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Abstract
The molecular mechanism of the rumpless phenotype in the Araucana chicken has
not been determined. We show that Araucana fail to form the free caudal vertebrae and
pygostyle due to a lack of formation of the caudal embryonic somites. Sequencing of the
0.74Mb critical region to which the rumpless phenotype was previously mapped was
carried out on six Araucana (3 homozygous rumpless, 2 heterozygous rumpless, and 1
homozygous tailed). We identified 298 candidate mutations, centered within a predicted
regulatory region for proneural genes, Iroquois 1 (Irx1) and Iroquois 2 (Irx2). Using in
situ hybridization (ISH) we show that both genes are misexpressed in the developing
Araucana embryo tailbud. To identify pathways altered following misexpression of Irx1
and Irx2, we have carried out a screen on genes required for proper caudal development
using ISH. Brachyury and Tbx6, required for specification of mesoderm, are both down
regulated. This is concurrent with down regulation of Cyp26a1, which protects the caudal
tailbud from the anterior gradient of retinoic acid. Next, there is down regulation of Fgf8
and Wnt3a, which are required for the maintenance of the tailbud progenitor population,
as well as an increase in ectopic neural tissue within the tailbud. Furthermore, there is an
increase in the level of apoptosis in the tailbud that could be removing the remaining
tailbud progenitor population, and a concurrent decrease in proliferation. These results
suggest that the shortened axis in rumpless Araucana chickens is due to a mutation that
induces the aberrant expression of both Irx1 and Irx2 in the tailbud territory. This
misexpression alters the fate of the tailbud progenitor population, which adopts a neural
fate and/or is removed by apoptosis.
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Introduction
Axis elongation of the vertebrate embryo is a complex process that involves the
generation of different cell lineages from a stem cell progenitor population located in the
tailbud region. Among their derivatives are the mesodermal cells that make the paraxial
mesoderm (PM), a tissue from which epithelial somites are formed [1]. Somites are
transitory structures that mature to generate the axial skeleton, including the vertebrae,
cartilage, and most of the skeletal musculature and dermis. Somite formation or
somitogenesis is a highly regulated process that operates under the control of an
oscillatory mechanism known as the segmentation clock. The number of somites formed
is species-specific and highly variable; for example whereas chickens have between 5153 somites, corn snakes have approximately 315 somites [2] [3]. Current models of axis
length termination include cessation of cell ingression into the tailbud through the ventral
ectodermal ridge (VER), elimination of the tailbud progenitor population through
apoptosis, and diminution of the presomitic mesoderm (PSM) leading to exposure to the
differentiating effects of retinoic acid (RA) [4] [5] [6].

During vertebrate development, the axial elongation process can be divided into two
parts, defined by the origin and anatomical location of the progenitor cells. During
primary body formation, progenitor cells originate by gastrulation or continuous
ingression of new cells in a territory known as the primitive streak and Hensen’s node
[7]. By HH14-15, during the late gastrula stage, the primitive streak and Hensen’s node
are replaced by a bulblike structure, the tailbud, consisting of a morphologically uniform
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mass of mesenchyme [7] [8] [9]. Elongation of the tail and caudal somitogenesis occur
during secondary body formation. The node streak border (NSB) and a portion of the
caudal lateral epiblast (CLE) give rise to the chordo-neural hinge (CNH) [10,11]. The
CNH population is located adjacent to the caudal end of the neural tube and notochord
where they become indistinguishable from the surrounding mesoderm. There are
currently no markers specific to the CNH. CNH progenitor cells give rise to the ventral
cells of the medullary cord, which undergoes cavitation to form the neural tube, somite
progenitors in the PSM, and caudal extension of the notochord [10] [12] [9]. The cells of
the CNH are referred to as long-term axial progenitors, and together with the dorsoposterior tail bud and ventral tail bud populations (altogether the tailbud progenitor
population) give rise to all the derivatives of the tail [12].

In contrast to the CNH, the dorso-posterior population produces only mesodermal
derivatives, traced to the medial somitic tissues, and ventral tail bud cells, the lateral
somite compartment [13] [14] [15] [16] [11]. In addition, following regression, the
primitive streak and node give rise to the VER, which is the thickened ectodermal tissue
located at the tailbud ventro-distally. Posterior epiblast cells undergo an epithelial to
mesenchymal transition, ingressing through the VER to contribute to the tail bud
mesenchyme (TBM) [17] [4].

Somitogenesis and axis elongation are critical processes for the proper morphogenesis of
the embryo, and any interference brought about by teratogenic/environmental factors or
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the existence of congenital mutations can lead to the generation of deformities. Many
model organisms have been used to study axis elongation and associated defects
including chicken, mouse, and zebrafish [18]. Notably in mice, the spontaneous mutants,
the vestigial tail mouse, hypomorphic for Wnt3a, and the Brachyury mouse have been
well studied as models of axis truncation [19] [20] [21] [22]. In these models, loss or
decrease in expression of either Wnt3a or T-brachyury within the tailbud leads to a failure
of maintenance of the tailbud progenitor population and of mesoderm specification. In
addition to these models, many other mouse models of axis truncation have been studied
through targeted gene knockout including Fgf8 and Cyp26a1 [18] [23] [24].

Araucana chickens have been maintained for their rumplessness and ear tufts [25,26] [27]
[28] [29]. The rumpless gene (Rp) is inherited autosomal dominantly [27]. However,
despite the popularity of rumpless Araucana (AraucanaRp), the mechanism causing
rumplessness remains unknown. Recently, we have mapped the rumpless mutation to a
0.74 Mb region on chromosome 2 [30]. However, candidate mutations have not been
identified. Thus, the rumpless mutation in the Araucana breed offers an opportunity to
study the morphological and molecular mechanisms of tail development as well as the
cessation of axis elongation in an accessible model organism. Our aim is to identify and
molecularly characterize pathways responsible for axis truncation in rumpless Araucana.

In the current study we show that caudal truncation in AraucanaRp is due to a loss of
signals required for the maintenance of the tailbud progenitor population, and without
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these signals cells of the tailbud either undergo a cell fate change, or are removed through
apoptosis. This is most likely due to misexpression of two pro-neural genes, Irx1 and
Irx2. We provide evidence that their misexpression is most likely due to a mutation in a
shared regulatory region.
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Materials and methods
Animals
Fertilized chicken eggs were obtained from SkyBlueEgg (Arkansas, U.S.A.) and the
Clemson University Poultry Farm. Eggs were incubated at 38.5 °C in a humidified
chamber to the desired stage. Embryos were staged according to Hamburger and
Hamilton [31]. Skeletal material was the gift of the Araucana Club of America.

Bone and cartilage staining
Bone and cartilage staining was carried out on E18 AraucanaRp and tailed controls using
Alcian blue (Polysciences) and Alizarin red S (Acros Organics) according to standard
procedures [32]. Briefly, Embryos were fixed 3 x 24 hours in 95% EtOH, 100% EtOH, 2
x 24 h in 100% Acetone. Cartilage staining (20 mg Alcian Blue in 100 ml of 40% acetic
acid glacial/EtOH) was performed from a few hours to overnight depending on sample
size. Embryos were rinsed in EtOH for 15 min followed by EtOH for 24 hrs. They were
then placed in saturated borax solution 2 x 24 hours (Na2B4O7 . 10H2O in H2O). Trypsin
solution (0.45g purified trypsin in 400mL of 30% borax dissolved in distilled water) at
30°C was used to clear tissue until flesh became translucent and soft (between 1-4 days,
depending on size of sample). Alizarin Red S solution (0.5% KOH and 0.1% Alizarin
Red S) was used to stain bones (12-24 hours). Samples were then washed in distilled
water, followed by a wash in 0.5% KOH solution for 15 min. Excess Alizarin Red S stain
was removed using 0.5% KOH solution for 2 x 24 hours at room temperature under a
light source. Samples then went through series of glycerol 0.5% KOH washes (20%
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glycerol/0.5% KOH, 50/50 and 75/25 mix). Samples were stored in 100% glycerol with
100mg Thymol crystals.

Somite number counts
AraucanaRp and controls were incubated to between HH16-25. Embryos were harvested
and somite counts performed using a Nikon stereoscopic microscope. At later stages,
between HH22-25, Dact2 ISH labeling was used to aid counts of the posterior somites.

Statistical Analysis
Assuming a normal distribution of the data, a two-tailed t-test was carried out to test for
differences in the average values of samples from experiments for somite counts,
proliferation, TUNEl, and flow cytometry. Analysis was carried out using Statistical
Analysis Software (SAS).

Immunohistochemistry
Embryos were fixed in 4% paraformaldehyde (PFA/PBS) for 48 hours before being
cryoembedded in 15% sucrose/7.5% gelatin/PBS and sectioned on a Leica cryotome at
25 µm. Immunostaining was carried out using our standard protocol [33]. Briefly,
sections were blocked in PBS with 0.1 % TritonX-100 and 0.2% bovine serum albumin
(BSA). Then incubated overnight at 4 °C with the primary antibodies anti-E-cadherin (cat
610182, BD Bioscience) and anti-laminin (cat L9393, Sigma). Following washing in PBS
sections were incubated at secondary antibodies 1:200 Alexa Fluor 488 goat anti-mouse
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IgG and Alexa Fluor 594 goat anti-rabbit IgG (Invitrogen). Following washing in PBS
and mounting with SlowFade (life technologies), fluorescent images were captured using
a Nikon Ti Eclipse confocal microscope.

In situ hybridization
Whole-mount in situ hybridization was performed according to our standard procedures
using probes against Brachyury, Cyp26a1, Dact2, Fgf8, Irx1/2/4 Meso1, Raldh2, Sox2
Tbx6, Wnt3a, [33]. The probes have all been previously described as follows: Dact2,
Meso1 and Tbx6, [6], Fgf8 [34], Irx1, Irx2, Irx4 [35], Raldh2 [36] and Wnt3a [37]. Lfng
probe was the generous gift of Olivier Pourquié [38]. Irx1 Irx2 and Irx4 probes were the
generous gift of Dr. Cheryll Tickle (Irx1 Accession# NM_001030338.1, base pairs 10051404 and Irx2 Accession# NM_001030336.1, base pairs 1227-1434). Embryos were
cryoembedded in 15% sucrose/7.5 % gelatin/PBS and sectioned on a Leica cryotome.
Whole mount embryos and sections were imaged on a Nikon Smz1500 stereomicroscope
and Nikon Eclipse 80i compound microscope, respectively using a Qimaging
Micropublisher 5.0 camera.

EdU and TUNEL labeling
For proliferation analysis, Click-iT EdU 488 Imaging Kit (Invitrogen) was used to carry
out labeling of cells as previously described [39]. Briefly, embryos were pulsed with EdU
for 60 minutes before harvesting and fixation in 4% PFA overnight. Embryos were then
cryoembedded in 15%sucrose/7.5%gelatin/PBS and sectioned on a Leica cryotome at
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25µm. Alternating sections were processed for EdU detection, or apoptosis detection
using the TUNEL method (In Situ Cell Death Detection Kit, TMR red, Roche), and
imaged on a Nikon Ti Eclipse confocal microscope. Image analysis of EdU and TUNEL
labeling was carried out using NIS Elements (build 736) cell counting software.
EdU labeling for flow cytometry analysis was carried out for 60 minutes. Following
harvesting, cells were dissociated and fixed as previously described [40]. EdU detection
was carried out following the manufacturers instructions. Cells were filtered through a
60µm mesh to make a single cell suspension. Flow cytometry was run on a Guava
easyCyte. Analysis was carried out using CytoSoft5.3 software.

Whole genome sequencing and bioinformatics
DNA samples for six Araucana were acquired from our previous study [30]. Each of the
six samples was sequenced on six lanes with an Illumina HiSeq 2000 sequencer. Average
genomic coverage was 27.63x and average number of bases sequenced was 29.009 Giga
base pairs (Table S1). Sequence reads were trimmed using Trimmomatic and aligned to
the corresponding region previously identified to be associated with the rumpless
phenotype on chromosome 2 of the ICGSC Gallus_gallus-4.0/galGal4 build using
Bowtie2 applications [41] [30] [42]. The mpileup function of SamTools was used to call
variants [43]. The view option of bcftools was used to call the genotype at each variant
for each individual bird using the bcftools defaults. Variants that were found to be
homozygous in all three homozygous rumpless birds, found to be heterozygous in all
three heterozygous birds, and were not found in the homozygous tailed bird were
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considered fixed in the population and targets for genomic variation that may result in the
rumpless phenotype. Identified variants were compared against known variants in the
Beijing Genomics Institute (BGI) database, and variants that were previously identified
not to be involved in rumplessness were removed [44]. Variants were also compared to
previously identified highly conserved non-coding regions [45].
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Results
AraucanaRp lack the caudal-most vertebrae
The current North American breed standard of the Araucana chicken requires that they
must lack the tail region, called rumplessness (Figure 1A). A comparison of adult tailed
control and AraucanaRp skeletons show this distinctive morphology. Rumplessness is due
to the loss of the free caudal vertebrae and pygostyle of the tail (Figure 1B-C). The
severity of the phenotype changes slightly among different animals, thus we found that in
some cases AraucanaRp skeleton have 1-3 caudal vertebrae. We performed
cartilage/skeletal staining to determine if the lack of these vertebrae is due to a lack of
formation, or if they form and are reabsorbed. To that end, embryos were processed for
Alcian Blue and Alizarin Red S to label cartilage and bone, respectively. By embryonic
day (E) 18, control embryos have formed all of the 11 caudal free vertebrae and the
pygostyle (Figure 1D). However, AraucanaRp embryos lack the free caudal vertebrae and
the pygostyle (Figure 1E). From these data we conclude that the rumpless phenotype
observed in the AraucanaRp adult chicken appears during development because of the
lack of formation of the caudal vertebrae and the pygostyle. These data match previous
observations with rumpless chickens [27].

AraucanaRp embryos display truncated tail morphology and down regulation of
tailbud signals
We next investigated the stage at which the precursors to the caudal vertebrae form. To
that end we collected control and AraucanaRp embryos during somitogenesis. Until HH
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14-15 we did not observe any gross morphological differences. Beginning at HH16 the
embryonic tailbud is visibly changed in morphology in AraucanaRp embryos compared to
controls (Figure 2 A,D). In AraucanaRp embryos the tail appears shorter and more
pointed, with the angle of curvature being wider than in controls (Figure 2A,D). As tail
extension continues at HH18, AraucanaRp embryo tails do not extend as far as controls
(Figure 2B,E). By HH20 the AraucanaRp embryo tail is truncated compared to controls
(Figure 2C,F). The most recently formed somite (asterisk) is much closer to the tip of the
tail in AraucanaRp compared to controls (Figure 2C,F), suggesting that the size of the
non-segmented paraxial mesoderm, which is the precursor of the somites, is being
drastically reduced. We then investigated these anomalies using molecular markers.

Brachyury is a transcription factor expressed in the tailbud mesenchymal region that is
required for mesoderm and notochord formation. Mutations in Brachyury are associated
with problems in tail growth and the formation of the sacral vertebrae of the mouse
embryo [22]. After staining the embryos by in situ hybridization (ISH) we found that the
expression at HH15 and earlier stages is unchanged between AraucanaRp and control
embryos (data not shown). However, beginning at HH16, Brachyury is down regulated
within cells of the tailbud region of the AraucanaRp embryos (Figure 2, G-L). Expression
remains unaffected within the notochord (Figure 2J-L). This result indicates that the
population of progenitor cells responsible to generate the paraxial mesoderm is affected
in the AraucanaRp embryos. Next we investigated the expression of Tbx6, which marks
the non-segmented paraxial mesoderm from which somites are formed (Figure 2M-O).
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No differences are seen between controls and AraucanaRp earlier than HH15 (25 somites)
(data not shown). Starting at HH15 (25 somites), Tbx6 expression starts to be down
regulated in AraucanaRp tailbud (Figure 2P and inset). Expression is lost within the
population of cells posterior to the forming neural tube and notochord as well as the cells
of the tailbud mesenchyme. This region corresponds to the most recent group of cells
leaving the progenitor population in the tailbud, suggesting that in AraucanaRp embryos
the newly formed tissue is not acquiring a paraxial mesoderm fate.

Expression of Tbx6 is maintained in the more anterior cells of the PSM, with the domain
of expression being reduced in size until HH20, probably due to the normal periodic
incorporation of the most anterior cells into the newly formed somites. These results
show that the defect leading to AraucanaRp rumplessness arises early in tailbud
development, and involves the down regulation of signals required for specification of
the paraxial mesoderm. As early as HH15 the production of new paraxial mesoderm in
the AraucanaRp embryo is arrested.

Somitogenesis ends prematurely in AraucanaRp embryos
The failure of full tail elongation during development, along with the down regulation of
signals required for specification of the paraxial mesoderm suggests a failure of paraxial
mesoderm specification, including a failure of somitogenesis in AraucanaRp embryos. In
normal conditions, tail somitogenesis continues until HH24-25, when all 51-53 somites
have formed [6].
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In order to understand when somitogenesis stops in AraucanaRp, we carried out ISH
labeling to determine the precise number of somites formed. To that end we tested the
expression of Meso1, which is important for the delineation of new somites. Meso1 is
expressed in the anterior most presomitic mesoderm, marking an area posterior to the
next pair of forming somites and encoding a transcription factor required for the
formation of the new epithelial somite [46][47] [46]. In normal chick embryos Meso1
expression is not down regulated until HH24-25, which marks the end of somitogenesis
[6]. We found that Meso1 expression is unchanged in AraucanaRp embryos through HH18
compared to controls (Figure 3A-B and D-E). At HH19, control Meso1 expression
remains up regulated, (Figure 3C) whereas in AraucanaRp Meso1 expression is lost
(Figure 3F). This result indicates that somite formation is arrested at HH19 rather than at
HH24-25.

We also tested the expression of Dact2, a marker of the forming somite and most recently
formed somites [47] [6]. We found that at HH18-19 Dact2 expression in the AraucanaRp
embryos is similar in the number of recently formed somites when compared to controls,
but the distance from the most posterior labeled somite to the tip of the tail appears
shorter (Figure 3G-H and J-K). By HH20 Dact2 expression in AraucanaRp labels fewer
forming somites and is down regulated compared to controls (Figure 3I and L).

The down regulation of Meso1 and Dact2 as much as 6 stages earlier than is seen in
tailed controls together with the premature loss of the paraxial mesoderm marker Tbx6
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suggests a failure of formation of the most posterior somites. To test this idea we
compared the total number of somites in AraucanaRp and controls embryos between HH
stages 16-25 (AraucanaRp n=83, control n=73, Figure 3M). The number of control
somites at each stage closely matches the expected number of somites as described in the
normal stage series [31]. Beginning at HH stage19, the number of somites in AraucanaRp
embryos is significantly different than controls, and by the end of somitogenesis at
HH25, AraucanaRp embryos form on average 11 fewer somites than control embryos
(Figure 3M). These data are consistent with our bone and cartilage staining results in
which embryos can lack the 5 free caudal vertebrae and the 6 vertebrae of the mature
pygostyle. In summary, these data show that somitogenesis ends prematurely within the
tailbud of AraucanaRp embryos, and that new somites fail to form as early as HH20, once
all the previously specified paraxial mesoderm has been incorporated into the somites.

To investigate if the failure to form all 51-53 somites in AraucanaRp is due to a slower
rate of somite formation we analyzed the speed of somite formation, similar to what has
been previously performed [6]. To that end, control and AraucanaRp embryos with a
given number of somites were cultured for fixed periods of time, 18-24 hours, and
counted again to determine the number of additional somites that were made. This
analysis showed no differences between controls and AraucanaRp embryos, which
indicates that speed of somite formation is not affected in Araucana and cannot explain
the rumples phenotype (data not shown). Similarly, we checked cyclic gene expression
by ISH using a Lunatic fringe probe to detect its expression in the PSM. Lunatic fringe
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has a cyclical period of expression equal to the time of somite formation, which in the
chick embryo is 90 minutes [6] [38]. The analysis revealed no differences between
controls and AraucanaRp embryos (data not shown).

Ingression through the VER is unchanged in AraucanaRp
As the morphological defects in the AraucanaRp embryo are observed at the same stages
in which the embryo undergoes the transition from the primary body formation, which is
based in the primitive streak and Hensen’s node, to that of secondary body formation,
which is based in the tailbud, suggests that these two events could be related. To that end
we analyzed the expression of markers of components involved in this transition. As
mentioned earlier, cells undergo an epithelial to mesenchymal transition, ingressing
through the VER to contribute to the tailbud mesenchyme, which is later followed by
differentiation into definitive lineages [17] [4]. In normal embryos, the process is arrested
at later stages when the tailbud territory is exposed to noggin, which then inhibits BMP
signaling responsible for the epithelial to mesenchymal transition and basal membrane
degradation [4]. If basal membrane breakdown is stopped prematurely then ingression of
cells into the tail is blocked leading to a truncated tail phenotype [4]. We examined this
process by labeling the VER of the control and AraucanaRp embryos with Laminin, a
marker of the basal membrane, and E-cadherin, a cell-cell adhesion marker. We found
that at HH18 breakdown of the basal membrane is occurring in both control and
Araucana tailbud (Figure S1). These results show that the rumpless morphology of the

79

AraucanaRp embryo is not due to morphological problems in the progenitor regions
associated to the transition from primary to secondary body formation.

Sequencing of the critical region reveals candidate mutations within a known
regulatory region.
The causative mutation is likely one of two possible types for the observed AraucanaRp
phenotype. Either the coding region of one or both genes is affected, or there is a change
in regulation of these genes [30]. To analyze the 740kb critical region we performed
whole genome sequencing on DNA from six Araucana birds. After aligning reads to
chromosome 2, variants (insertions, deletions, and SNPs) were called using the mpileup
function of SamTools. Variants were separated into three haplotype groups: three
homozygous rumpless, two heterozygous, and one homozygous tailed Araucana.

A total of 2092 unique small variants were identified within the candidate region when
compared to the chicken gal gal4.0 reference sequence. We reduced the list of variants by
excluding those that did not hold true to type, keeping only those that occurred in every
homozygous, half of heterozygous and never in tailed Araucana. A total of 316 small
variants matched this pattern in the rumpless region. A further 18 variants that lined up
with previously reported variants in tailed birds were also removed [44]. Of the
remaining 298 variants, we identified 274 SNPs and 24 insertion/deletions unique to
rumpless Araucana (Figure 4). None of the identified 298 small variants fell within the
exons or introns of Irx1 or Irx2. These results support the idea that the candidate mutation
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lies in the intergenic or flanking regions of Irx1 and Irx2. Comparison of the 298
candidate variants with highly conserved non-coding regions within the candidate region
revealed a subset of candidate variants falling within 4 of the highly conserved noncoding regions (Table S2) [45]. PCR analysis of these regions is underway in a large
cohort birds from multiple breeds.

Irx1 and Irx2 are misexpressed in the AraucanaRp embryo tailbud
Iroquois-class homeodomain proteins play multiple roles during pattern formation of
vertebrate embryos specifying the identity of diverse territories of the body. One of their
primary roles is the initial specification of the vertebrate neurectoderm [48] [49].
Importantly, Irx1 and Irx2 are not expressed in the tailbud territory of the normal chick
embryo at any stage of development. To investigate if indeed the AraucanaRp embryo
displays an aberrant expression of Irx1 and Irx2 we determined their pattern of
expression around the stages in which the defects associated to rumplessness start.
Expression of Irx1 in control embryos is restricted to the neural tube of the elongating
posterior axis (Figure 5A-C). Analysis of expression of Irx1 before HH15 revealed no
change in expression between controls and AraucanaRp (Figure 5A,D). However, at
HH15 AraucanaRp tailbud misexpressed Irx1 with a restricted pattern of expression
similar to that observed for the region containing the progenitor population (Figure 5E).
This misexpression of Irx1 is the earliest change in gene expression we have identified in
AraucanaRp embryos. Anterior near the level of recently formed somites, expression of
Irx1 in the neural tube is normal (Figure 5M). A combination of sagittal and transverse
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sections shows that Irx1 misexpression in AraucanaRp is at the level of the chordoneural
hinge at HH15 (Figure 5N-P). Irx1 misexpression in AraucanaRp tailbud is maintained at
HH16 (Figure 5F) and by HH18 the expression disappears (data not shown). Similarly,
Irx2 is misexpressed in AraucanaRp tailbud region beginning at HH15 until it is down
regulated by HH17 (Figure 5K; data not shown). Transverse sections clearly show that
misexpression of Irx2 is located at a similar posterior level as the misexpression of Irx1,
although located slightly more lateral (Figure 5Q).

Although Irx4 does not fall within the defined critical region, it is possible that its
expression could be altered along with Irx1 and Irx2 because the three genes are part of
the same genomic cluster [45]. ISH analysis of Irx4 expression revealed no differences
between control and AraucanaRp embryos (data not shown). Thus, despite their proximity
in a genomic cluster, the aberrant expression of Irx1 and Irx2 found in the AraucanaRp
tailbud is not affecting all Iroquois-class genes, even from the same cluster. The
misexpression of Irx1 and Irx2 in the AraucanaRp tailbud combined with these two genes
being the only genes within the critical genomic region highly suggests that the
AraucanaRp phenotype is due to a change in regulation of these genes [30].

Loss of maintenance of the tailbud progenitor population in AraucanaRp embryos
The Iroquois genes are known to be involved in specifying and patterning neural domains
[48] [49]. In Xenopus, over-expression of Iroquois genes leads to neural plate expansion,
and the onset of neural differentiation is advanced [50] [51]. Cells of the tailbud have a
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bipotential fate, and can become mesoderm (paraxial mesoderm) or ectoderm (neural
tube) [12]. If exposure of the CNH to a pro-neural signal in the form of Irx1 and Irx2
pushes cell fates towards neural, we would predict to see a down regulation of signals
associated with the tailbud mesoderm and maintenance of the tailbud progenitor
population, and the up regulation of proneural markers. To that end, we determined the
expression of markers necessary for continued elongation and maintenance of the tailbud
progenitor population, such as Wnt3a and Fgf8 [19][54].

Wnt3a expression is limited to the tailbud and dorsal neural tube. We found that until
HH16 Wnt3a is indistinguishable between control and AraucanaRp tailbuds (Figure 6A,
D). On the other hand, by HH17 Wnt3a expression becomes significantly down regulated
and is lost by HH18 (Fig 6B-C, E-F).

We next tested the expression of Fgf8, which in control embryos is expressed within the
tailbud through tail elongation (Figure 6G-I). We found that prior to HH17 expression of
Fgf8 in AraucanaRp tailbud is unchanged from controls (data not shown). However, the
expression is clearly down regulated as early as HH17 (Figure 6J) and by HH18 Fgf8 is
completely lost (Figure 6K-L). These data indicate that in the AraucanaRp tailbud and
following the initial aberrant expression of Irx1/Irx2 there is a loss of the signals
responsible for maintaining the undifferentiated progenitor population.

83

Fgf8 and Wnt3a work together to maintain the tailbud progenitor population in an
undifferentiated state [52]. This function can be disrupted by exposure to RA, which
appears to be one of the mechanisms invovled in the physiological termination of the
process of axis elongation [6]. In addition, when a control embryo is exposure to ectopic
RA it eliminates Wnt3a and Fgf8 from the tailbud, and blocks the axial growth of the
embryo [6]. Similarly, in Cyp26a1-/- embryos, which lack the expression of an enzyme
that degrades RA produced in the somites [23], the progenitor population is unprotected
against RA and the result is the generation of embryos suffering severe caudal truncation
[23]. It is therefore possible that the loss of Wnt3a and Fgf8 in the AraucanaRp tailbud
could be due to a non-regulated exposure to RA. Thus, we decided to investigate the
possible implication of RA in the process.

First, we evaluated the expression of Raldh2, which encodes a dehydrogenase involved in
endogenous production of RA (Figure 6S-U). Raldh2 expression in the rostral end of the
PSM and the newly formed somites continues to advance posteriorly as the tailbud
elongates. We found that expression of Raldh2 in AraucanaRp somites appears normal
compared to the pattern displayed in control embryos (Figure 6V-X). . We then
evaluated the expression of Cyp26a1 and found that at earlier stages there is no difference
in expression in the tailbud of AraucanaRp and control embryos (data not shown).
However, from HH16 Cyp26a1 is completely lost in the AraucanaRp tailbud (Figure 6MR). In summary, these results show that following misexpression of Irx1 and Irx2 in
AraucanaRp, there is a down regulation of Cyp26a1, leaving the tailbud unprotected and
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exposed to the RA gradient originating from the somites. After that, Wnt3a and Fgf8 are
both down regulated within the tailbud, suggesting the progenitor cells of the tailbud may
be undergoing premature differentiation and/or apoptosis due to RA exposure.

Expansion of neural tissue within AraucanaRp tailbud
Considering the combination of ectopic expression of Irx1 and Irx2 (both pro-neural)
and the loss of protection from the effects of RA due to the down regulation of Cyp26a1,
we predicted that most of the tailbud cells would be pushed towards a neural fate. To
investigate this possibility we tested the expression of Sox2, which is expressed in the
forming neural cells [53]. We found the more anterior neural tube is normal in the
AraucanaRp embryos and consists of a single lumen that expresses Sox2 (data not shown).
Beginning at HH18, AraucanaRp embryos have ectopic neural tissue expressing Sox2 with
multiple irregular lumens within the tail region, compared to single lumen seen in
controls (Figure A-J). Thus, as expected, the AraucanaRp neural tube appears to have an
enlarged epithelial structure with multiple open and irregular lumens (Figure 7 J).

Further evidence for ectopic neural tissue at later stages can be seen with Wnt3a
expression in the dorsal neural tube. Control expression of Wnt3a is limited to the dorsal
neural tube (Figure 7 K, L), whereas AraucanaRp expression of Wnt3a is dramatically
altered in the tailbud region (Figure 7 M, N). This expression appears uncoordinated with
similarly staged embryos each displaying different patterns (Figure 7 M, N). Thus, our
results demonstrate the aberrant neural differentiation of the progenitor population in the
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AraucanaRp tailbud, which is probably one of the main reasons for the generation of the
rumplessness phenotype.

AraucanaRp tailbud displays decreased proliferation and increased apoptosis
The premature down regulation of markers associated to the proliferation of the
progenitor population, such as Fgf8 and Wnt3a, together with the extended domain of
expression of the neural marker Sox2 indicates that the progenitor population has been
critically jeopardized by their forced differentiation towards neural cell fate. To further
support this idea we evaluated proliferation in the AraucanaRp tailbud. To that end we
performed Edu labeling. Until HH16 we did not find any difference between control and
AraucanaRp samples, however beginning at HH17 there is an observable decrease in the
number of proliferating cells within the AraucanaRp tailbud mesenchyme region
containing the progenitor population (Figure 8 C-D, G-H). However, quantification by
cell count of the number of proliferating cells within the tail reveals no statistical
difference in the ratio of proliferating/total cells between control and AraucanaRp tails
(Figure 8I). Thus, although there appears a reduction of proliferation consistent with the
observed down regulation of the markers involved in the maintaining of the progenitor
population Wnt3a and Fgf8, it is not significantly different than the level of proliferation
observed in control tails.

Exposure to high levels of RA has been shown to lead to apoptosis [54] [55]. We tested if
there is increased apoptosis within the tailbud region. Thus, we performed TUNEL
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staining on sagittal sections of the tail region to label dying cells. No difference was seen
at or before HH16 between control and AraucanaRp embryos (Figure 8 J-K, N-O).
Staining revealed that beginning at HH17 there is a clear and significant increase in
apoptotic cells in AraucanaRp compared to controls (Figure 8 L-M, P-Q). Apoptosis was
primarily localized to the posterior most cells of the tailbud, the region known to contain
the progenitor population (McGrew et al., 2008). Quantification of TUNEL positive cells
revealed that beginning at HH17-18 there is a statistically significant increase in
apoptosis in AraucanaRp compared to controls (Figure 8 R). This indicates that, in
addition to the neural transformation, some cells from the progenitor population of the
AraucanaRp tailbud are dying by apoptosis.

Discussion
To our knowledge, the AraucanaRp is the first reported example in which aberrant
expression within the tailbud of a developing vertebrate embryo seems to be responsible
for the malformations associated to the process of segmentation and axial. We have
shown that the AraucanaRp phenotype results from a failure to form the caudal most
vertebrae due to the lack of formation of the last somites. Sequencing of the candidate
rumpless region revealed a number of small variants centered in an area containing the
pro-neural genes Irx1 and Irx2. We found that both genes are misexpressed within the
tailbud region containing the progenitor population responsible of the axial growth of the
AraucanaRp embryo. After this misexpression, there is an immediate down regulation of
Cyp26A1, potentially allowing RA secreted from the somites to target the tailbud. This is
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quickly followed by down regulation of Wnt3a and Fgf8, which are required for
maintenance and proliferation of the tailbud progenitor population. The down regulation
of Brachyury and Tbx6 indicates there is an arrest in the production of additional paraxial
mesoderm necessary for the generation of the somites, whereas the increase in Sox2
expressing tissue within the tail, and the presence of ectopic neural tubes are consistent
with the premature differentiation of the progenitor cells towards neural cell fate. Last,
the exposure to RA is probably responsible for the increased apoptosis that affects the
tailbud progenitor population.

AraucanaRp embryos fail to form the caudal-most somites, in the more severe cases
missing the last 11 caudal somites. Somite formation stops around HH20, 4-5 stages
earlier than control embryos, as seen by the down regulation of Meso1 and Dact2 . This
observation is in agreement with a model of failure to form somites proposed 70 years
ago by Zwilling (1942) versus the alternative possibility in which somites are removed or
reabsorbed [27]. Morphological changes in the shape of the tail are evident as early as
HH16 and coincide with the down regulation of mesodermal tailbud markers, Tbx6 and
Brachyury, the loss of which have been documented to lead to truncation of the tail
region [56] [20]. AraucanaRp embryos display some variability in the final number of
somites, and this appears to equate to variation in the number of caudal vertebrae as seen
by cartilage and bone staining at E9-E18.
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AraucanaRp skeletons also show a range of phenotypes, some having 1-2 free caudal
vertebrae, the caudal-most appearing fused, whereas other bones exhibit no appearance of
any free caudal vertebrae. These variations seem to be inherent to the Araucana breed and
were previously described in the initial reports on the rumpless phenotype [57] [58]. The
complete lack of free caudal vertebrae was described as true rumplessness, whereas the
presence of 1-3 free caudal vertebrae was described as intermediate rumpless. However,
intermediate birds were found to carry the rumpless gene as evidenced by breeding
experiments, thus it remains unclear how the intermediate phenotype arises [57]. We
have previously reported that partial tailed Araucana are heterozygous for the rumpless
linkage region [30]. One possibility is that intermediate rumpless Araucana may be due to
changes in expressivity, possibly owing to other modifiers outside of the previously
identified linkage.

As of the current galGal4 assembly of the chicken genome created by the University of
California, Santa Cruz (http://genome.ucsc.edu/), Irx1 and Irx2 are the only two genes
contained within the 0.74 Mb critical region linked with the rumpless phenotype [30]. We
have identified 298 candidate small variants within the rumpless critical region. None of
the candidate mutations are located within the coding sequence of Irx1 or Irx2 or their
intronic regions. It would be expected that any changes in coding sequence of Irx1 and/or
Irx2 would also lead to changes in patterning of the brain, where both genes are normally
expressed. But in fact, AraucanaRp embryos do not display differences outside of the tail.
Tena and colleagues have found that the Irx1 and Irx2 promoters located near the two
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genes are brought close together through a 3D architecture, allowing them to share
enhancers [45]. Using these shared regulatory elements Irx1 and Irx2 are co-regulated.
Based on the dual misexpression of Irx1 and Irx2 in AraucanaRp, it is highly probable that
the causative mutation lies within a regulatory element, thus changing the regulation of
both genes. The causative mutation could act by removing specific repression/silencing
of Irx1 and Irx2 within the tailbud, or by creating a new enhancer, specific to the tailbud.
Although we were able to identify a number of mutations within predicted regulatory
regions, a more detailed analysis of this aberrant activation will allow us to determine the
precise mechanism involved.

From HH15 both Irx1 and Irx2 are misexpressed within the tailbud region of the
AraucanaRP embryos preceding all other changes we have been able to identify in gene
expression and morphology related to the rumpless phenotype. These two Iroquois genes
encode the TALE (three amino acid loop extension) family homeodomains and are
involved in proneural patterning [59] [60] [61] [51]. During development of a normal
chick embryo, expression of Irx1 and Irx2 is limited to neural tissue: the developing brain
and neural tube. It was therefore expected that the ectopic expression of Irx1/Irx2 would
generate an expansion of the neural territory. That is precisely what we found, as shown
by the abnormal enlargement of the Sox2 expression domain. Further analysis will be
required to determine if this neural induction is indeed a direct effect of Irx1 and/or Irx2
expression. It is very surprising that the misexpression of Irx1 and Irx2 in the tailbud is
restricted to a very specific window of development. The expression starts at HH15 and
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disappears again at HH17. This temporal and special restriction suggests the implication
of a mechanism or factor with similar restrictions.

During somitogenesis, the caudal region of the vertebrate embryo including the PSM is
exposed to RA expressed from the somites and Fgf8 expressed from the tailbud,
generating two opposing gradients [62][55][56]. The tailbud progenitor population must
be protected from the RA secreted from the somites by the action of Cyp26a1, which
metabolizes RA [23]. It is indicative that one of the first consequences of the
misexpression of Irx1/Irx2 is the loss of Cyp26a1 within the tailbud. However, whether
the down regulation of Cyp26a1 is a direct consequence of the ectopic Irx1/Irx2
expression is still unknown. Data produced using chicken and mice embryos show that
ectopic RA leads to the down regulation of Wnt3a and Fgf8, axis truncation, and ectopic
neural tissue [54] [6]. In the tailbud of AraucanaRp, without the protection of Cyp26a1,
RA can target the territory, which would induce the down regulation of Wnt3a and Fgf8,
as we observed [63] [6] [55]. Work in mice has shown that loss of Wnt3a signaling leads
to axis truncation [64]. In addition, in these Wnt3a mutants there is ectopic neural tissue
formed, suggesting that Wnt3a is required for proper patterning of presumptive paraxial
mesoderm cells, and without Wnt3a there is an expansion of neural tissue [65] [66].
Down regulation of Wnt3a in AraucanaRp then, would mean a further loss of the ability to
specify paraxial mesoderm.
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In fact, following the misexpression of Irx1 and Irx2, the mesodermal patterning
transcription factors Tbx6 and Brachyury are down regulated. It is possible that their
down regulation is a consequence of the parallel elimination of Wnt3a and Fgf8, as the
expression of all these genes is inter-related [20,67] [18]. Brachyury is required for
proper mesodermal cell fate and without its expression embryos fail to form the proper
mesodermal structures [68]. Thus, Brachyury(-/-) embryos fail to form both somites and
the notochord, with heterozygotes forming a truncated axis [21] [69]. In AraucanaRp
embryos Brachyury is down regulated within the posterior tailbud population, whereas
expression in the notochord is maintained, which indicates that the effect of Irx1/Irx2
misexpression is restricted to the cells of the tailbud. Interestingly, the observed down
regulation of Brachyury only within the tailbud cells closely resembles that found in
zebrafish embryo tails, whose expression of no-tail (ntl) (zebrafish Brachyury ortholog)
is down regulated upon treatment with RA or through down regulation of Wnt3a [70]
[71].

The absence of Tbx6 in the homozygous mutant mouse embryo leads to a loss of paraxial
mesoderm specification, and an up regulation of the neural marker Sox2 within ectopic
neural tubes [56] [65]. Tbx6 indirectly regulates Sox2 through repression of its N1
enhancer, making it both necessary to repress neural fate as well as push cells towards a
paraxial mesoderm fate [72]. Tbx6 is a very specific marker for the paraxial mesoderm
tissue and its expression is initiated just at the moment the progenitor cells divide and
differentiate acquiring the paraxial mesoderm fate. In AraucanaRp, similar to Brachyury,
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Tbx6 expression is at first only lost within the posterior tailbud, not affecting Tbx6positive cells positioned more anterior, which were specified previously. At the anterior
end of the PSM, the formation of the somites continues unaffected, as indicated in our
analysis, consuming periodically the PSM tissue until the process reaches the last Tbx6positive cells. And when these remaining Tbx6-cells are incorporated in the last somite,
the somitogenesis is prematurely arrested. Our data suggest a loss of signaling within the
posterior tailbud that is required for proper mesodermal patterning. Without the proper
signals, the presomitic paraxial mesoderm (labeled with Tbx6) begins to shorten. Without
Tbx6 to both repress a neural fate as well as promote a paraxial mesoderm fate, along
with Brachyury, cells that would normally form paraxial mesoderm form ectopic neural
tissue, or remain in an undifferentiated transition state.

The lack of change in apoptosis before HH17 indicates that apoptosis is not the main
cause of the morphological malformations associated with the AraucanaRp tailbud. It is
only after Cyp26a1/Tbx6 has been lost that there is an observable increase in apoptosis,
primarily centered on the tailbud region containing the progenitor population.
Interestingly, this pattern appears very similar to the physiological apoptosis observed at
the end of somitogenesis at HH25 in the chicken tailbud, which has been proposed to
remove the remaining unsegmented PSM and progenitor population [55] [6] [5].
Similarly, the lack of change of proliferation within the tailbud prior to HH17 indicates
that it is most likely not involved in the initial changes in tail morphology, but a
consequence of the changes the territory is undergoing. Consistent with this idea is that
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the observed decrease in proliferation within the tailbud primarily overlaps in distribution
and time with the loss of those signals required for it, such as Wnt3a and Fgf8. However,
as there is no statistical difference in the number of proliferating cells of the tail, it is
difficult to say what role proliferation has in AraucanaRp.

Interestingly, many of these processes, such as, down regulation of genes involved in
tailbud progenitor maintenance such as Fgf8, Wnt3a, exposure to RA by down regulation
of Cyp26a1, and an increase in apoptosis within the posterior tailbud population, are also
observed during the normal end of somitogenesis. The specific mechanism RA reaches
the tailbud is different in chick and mouse embryos. In the chick embryo there is an onset
of Raldh2 in the tailbud, which produces extra RA counteracting the protection given by
Cyp26a1, whereas the mouse embryo loses Cyp26a1 allowing the action of RA from the
somites [6]. It is fascinating that the aberrant expression of Irx1/Irx2 in the chicken
tailbud appears to recapitulate precisely the situation described for the mouse embryo.

In summary, our results strongly suggest that the AraucanaRp phenotype is due to a
genetic mutation(s) that causes misexpression of two coregulated genes, Irx1 and Irx2.
Based on this, we propose a model in which misexpression of Irx1/Irx2 is responsible of
the down regulation of Cyp26a1 in the tailbud. Without the protective activity of
Cyp26a1 the region is exposed to RA expressed in the somites. One of the first
consequences of this is the down regulation of Brachyury and Tbx6 followed by Wnt3a
and Fgf8. The loss of these factors together with the action of RA induces the
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differentiation of the progenitor population into neural fate, arresting the production of
additional mesodermal cells. The process of somitogenesis continues normally at the
anterior end consuming the remaining paraxial mesoderm until is extinguished. The
second effect of the elevated RA is the induction of apoptosis among the remaining cells.
It is unlikely that the AraucanaRP chicken is a unique situation as it is possible that a
similar aberrant misexpression, Irx1/Irx2 or any other gene capable of affecting the
progenitor population, could be involved in the generation of malformations in other
vertebrate species. In fact, we predict that similar mechanisms could be responsible for
the rumpless or tailless breeds found in other animal models [73] [74]. It is very
encouraging that our results could help to understand some of the human congenital
pathologies in which the formation of axial structures is affected, and for which we still
do not have an explanation.
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Figure 1: Adult and embryonic skeletal analysis.
(A) Adult AraucanaRp male and female birds shown in a composite image (courtesy of Fritz Ludwig). Note
the characteristic rounded rump, lacking tail structures. Skeletons of control (B) and AraucanaRp (C) birds
(courtesy of the ACA). The free vertebrae and pygostyle are missing in the AraucanaRp skeleton (arrow).
(D, E) E18 embryo stained with Alcian Blue in AraucanaRp (D) and control (E) embryos. Arrowheads
indicate lateral processes. Vertebral elements are numbers from the first free vertebrae (1-5). The more
posterior vertebral elements (6-11) fuse to form the mature pygostyle after hatching.
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Figure 2: AraucanaRp embryo tailbuds are truncated and down regulate Brachyury and Tbx6.
Whole mount tails in lateral view, with posterior at the bottom, dorsal to the left (A-F). (A, D) At HH16,
the angle of tail curvature is narrower in controls (A) compared to AraucanaRp embryos (D-arrowed). (B, E)
By HH18, the reduced length and pointed shape of the AraucanaRp tail is dramatic (E). (C, F) The control
tail has curved ventrally by HH20 (C), whereas the AraucanaRp tail has failed to extend (F). Somite
formation in AraucanaRp is near to the tip of the tail (F-asterisk). Expression patterns of Brachyury (G-L)
and Tbx6 (M-R) during tailbud development. ISH expression of Brachyury in control (G-I) and AraucanaRp
(J-L) from HH16-18. Inset in G and J are transverse sections of respective embryos at level of tailbud. Note
loss of expression in tailbud mesenchyme in AraucanaRp (arrows) versus controls. ISH expression of Tbx6
in control (M-O) and AraucanaRp (P-R) at HH15, 17 and 18. Inset in M and P are transverse sections of
respective embryos at level of tailbud. Note down regulation of Tbx6 expression in AraucanaRp (arrows)
compared to controls.
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Figure 3. AraucanaRp form fewer somites.
(A-F) Meso1 expression in control (A-C) and AraucanaRp (D-F) embryos from HH17-19. Note down
regulation of Meso1 in HH19 AraucanaRp (F-arrow) compared to controls (C-arrow). (G-L) Dact2
expression in control (G-I) and Araucana (J-L) from HH18-20. Inset in I and L are sagittal sections through
the paraxial mesoderm from respective embryo. Note down regulation of Dact2 at HH20 in AraucanaRp (Larrow) compared to control (I-arrow). Anterior up in whole mount and section insets. (M) Bar graph
showing number of somites compared to embryonic(HH16-25). AraucanaRp have significantly fewer
somites beginning at HH20 (T-test, asterisk marks p<0.01) than controls. Control-Black, AraucanaRp-Grey.
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Figure 4: Location of small variants within the 0.74Mb critical region.
Positional map of the 0.74Mb critical region located on Gallus gallus chromosome 2. Location of Irx1 and
Irx2 is indicated, with numbers of small variants (SNPs, insertions and deletions) and their general position
indicated. No small variants were found within Irx1 or Irx2.
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Figure 5: Irx1 and Irx2 are misexpressed in AraucanaRp tailbuds.
(A-F) Irx1 expression pattern. (A-C) Control embryos express Irx1 in the neural tube. Irx1 expression in
AraucanaRp matches controls at HH14 (D, A), but is misexpressed in the tailbud at HH15 (E-arrow).
Normal expression at level of somites is within neural tube (transverse section, M). Misexpression in
AraucanaRp can be seen at the level of the chordoneural hinge (transverse section-N and sagittal section-P)
compared to expression in HH15 control (sagittal section O). Misexpression is maintained through HH16 in
AraucanaRp (F-arrow) as compared to control (C). (G-L) Irx2 expression pattern. (G-I) Control embryos do
not express Irx2 in the tailbud. No difference in expression between AraucanaRp and controls seen at HH14
(J, G). Irx2 misexpression in HH15 (K-arrow) and HH16 (L-arrow) AraucanaRp. Transverse section of Irx2
(Q) shows expression similar to Irx1 at level of chordoneural hinge. A-L - anterior to top. B,C,K - dorsal to
top. M,N,Q - dorsal to top. O,P - dorsal to left, anterior to top. nt-neural tube, cnh-chordoneural hinge, ssomite, n-notochord.
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Figure 6. ISH expression pattern of Wnt3a, Fgf8, Cyp26A1 and Raldh2 during tail development.
(A-F) Wnt3a expression in control (A-C) and AraucanaRp (D-F) embryos from HH16-18. Inset in B and E
are transverse sections at level of tailbud from respective embryo. Note lack of expression in tailbud
mesenchyme in AraucanaRp beginning at HH17 (arrows). (G-L) Fgf8 expression in control (G-I) and
AraucanaRp (J-L) embryos from HH17-19. Inset in G, H and J, K are transverse sections at level of tailbud.
Note the down regulation of expression in tailbud beginning at HH17 in AraucanaRp (arrows). (M-R)
Cyp26A1 expression in control (M-O) and AraucanaRp (P-R) embryos from HH16-18. Note the lack of
expression in AraucanaRp tailbud beginning at HH16 (arrows). (S-X) Raldh2 expression in control (S-U)
and AraucanaRp (V-X) embryos from HH17-19. Note in AraucanaRp the truncated tail at HH19 coupled
with the close expression of Raldh2 in the formed somites (compare U and X). Posterior most expression of
Raldh2 is marked with arrow. Anterior is top in whole mount images. Dorsal is top in transverse section
insets. Sections were taken at approximate level of black bars.
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Figure 7: Ectopic neural tubes in AraucanaRp embryo tailbud.
(A-H) Transverse sections and whole mount images showing ISH expression of Sox2 in control (A-D) and
AraucanaRp (E-H) embryos at HH18-20. Note the presence of ectopic neural tissue and lumens in
AraucanaRp (highlighted in yellow) (E, G) compared to single neural tube and lumen in controls (A, C).
DAPI stained transverse sections of control (I) and AraucanaRp (J) embryo tailbuds. (K-N) Whole mount
images of Wnt3a expression in control (K, L) and AraucanaRp (M, N). Arrows denote ectopic expression of
Wnt3a in ectopic neural tubes of Araucana (K, L). Neural tube highlighted. Anterior to top in whole mount
images. Dorsal to top in transverse sections. Sections taken at approximate level of black bars.
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Figure 8: Role of proliferation and apoptosis in the AraucanaRp tailbud.
(A-H) EdU labeling proliferating cells in sagittal sections from HH15-19 of control (A-D) and AraucanaRp
(E-H) embryo tailbuds. Green labels proliferating cells, red is TO-PRO 3 Iodide labeled nuclei. Arrows
denote decreased areas of proliferation within the tailbud of AraucanaRp embryos compared to controls. (I)
Quantification of the ratio of EdU positive cells to total cells for control and AraucanaRp embryos. (J-Q)
TUNEL labeling apoptotic cells in sagittal sections from HH15-19 of control (J-M) and AraucanaRp (N-Q)
embryo tailbuds. Red is apoptotic cells, blue is Hoechst labeled nuclei. Arrows denote increased areas of
apoptosis in AraucanaRp compared to controls. (R) Quantification of the numbers of TUNEL positive cells
in control and AraucanaRp. AraucanaRp significantly more TUNEL positive cells beginning at HH17 (T-test,
asterisk marks p<0.05) than controls. The same embryo (two different sections) was used for both TUNEL
and EdU labeling. Anterior is top, dorsal is left in all sections.
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Supplemental Figure 1: E-cadherin and laminin staining of the ventral ectodermal ridge.
(A-B) Transverse sections of the tailbud with immunofluorescent labeling of E-cadherin (green), Laminin
(red), and Hoechst (blue) in control (A) and AraucanaRp (B) HH18 embryos. Arrows indicate breakdown of
basal membrane and ingressing cells through VER in both Araucana and controls. Dorsal to top in sections.
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Supplemental Table 1. Total number of reads, bases, coverage, SNPs, and insertions/deletions within
the sequenced region for each bird genotyped.
Sample
Homo-Rumpless (32)
Homo-Rumpless (33)
Homo-Rumpless (38)
Hetero-Rumpless (39)
Hetero-Rumpless (49)
Homo-Tailed (59)
Average

Reads
246,487,326
339,674,102
350,207,902
235,911,062
348,219,696
243,759,626
294,043,286

Bases (kbp)
23,772,362
36,474,356
33,513,411
22,863,519
33,805,751
23,629,533
29,009,822

Coverage
22.64
34.74
31,92
21.77
32.20
22.50
27.63

SNPs
723
750
751
1018
466
1434
857

Indels
188
181
176
51
102
116
136

Supplemental Table 2. . Number of unique Araucana small variants found in known highly
conserved noncoding regions. Enhancers were reported in X. tropicalis (xenTro2) and coordinates were
mapped to the G. gallus (Gal/gal4) genome using LiftOver. Enhancer activity reflects what has been
previously published [45].
(xenTro2)
scaffold_131:

Enhancer
activity

Gal/gal4 Coordinates

# Small variants
found

752091-754652

-

chr2:86810711-86818277

9 SNPs

764390-767087

-

chr2:86836712-86840304

7 SNPs

944890-945898

-

chr2:86999326-87000129

4 SNPs

979354-980439

-

chr2:87042491-87068516

13 SNPs 2 INSERTIONS
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CHAPTER FOUR
DISCUSSION

My research objectives were to identify candidate genes associated with the rumpless
phenotype, and to elucidate pathways leading to the rumpless phenotype. I have reported
the identification of the chromosome region that is associated with the rumpless
phenotype and identified two candidate gain-of-function genes, IRX1 and IRX2. In
addition, a number of pathways affecting somitogenesis in Araucana have been
identified. These include pathways affecting the maintenance of the tailbud progenitor
population and the determination of cell fate of the cells of the tail. This study provides
both a novel model of axis truncation defects and an understanding of the mechanisms
involved in maintaining the caudal progenitor population.

Analysis of genes in the rumpless haplotype
Using a genome wide association study, I identified a 2.14 Mb haplotype block on
chromosome 2 associated to the rumpless phenotype. The haplotype block contained five
genes; CLPTM1L, TERT, IRX1, IRX2, IRX4. None of these was previously identified as
potential upstream effector controlling tail development or in axis truncation defects.
Additional analysis of three of the tailed birds found partial blocks of heterozygosity for
the rumpless haplotype, delimiting a critical interval of 0.74 Mb. Importantly, this region
contained only two genes, IRX1 and IRX2. In situ hybridization analysis of CLPTM1L,
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TERT and IRX4 showed no changes in the expected pattern. However, as I have shown,
both IRX1 and IRX2 exhibit a gain-of-function misexpression pattern in the caudal
progenitor population. Investigating the potential role of this mechanism in human caudal
malformations, such as caudal regression syndrome, is a long-term goal resulting from
this study. Furthermore, this study is significant in that it demonstrates the utility of high
throughput mapping using SNPs, and demonstrates that the causes of genetic traits within
existing chicken breeds can now be efficiently identified.

iroquois 1 and iroquois 2 homologues
Iroquois 1 (IRX1), 2 (IRX2) and 4 (IRX4) are part of the Irx A cluster, with IRX3, 5 and 6
making up the IRX B cluster. Drosophila has only one cluster, consisting of araucan,
caupolican and mirror. This suggests a duplication event occurred at some point during
evolution between the Drosophila and avian radiations. Further evidence for this
duplication comes from protein similarity for IRX1 and 3, IRX2 and 5, and IRX4 and 6,
indicating they are most likely paralogs [1]. Both IRX clusters have been identified in
chickens, however, annotation is not fully complete, as cross species comparisons have
found that IRX5 in chicken is more closely related to IRX6, indicating chicken IRX5
annotation should be changed to IRX6 [2]. IRX1 and IRX2 have been identified correctly.

The iroquois genes encode transcription factors with a highly conserved three amino acid
loop extension (TALE) in addition to a 13 amino acid Iro box domain. Studies using
Drosophila have shown iroquois genes are involved in neural patterning through the
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regulation of other proneural genes [3,4]. Similarly, work in Xenopus embryos has shown
that IRX1 is necessary for the formation of the neural plate through down regulation of
BMP4 [5,6]. Interestingly, the down regulation of BMP4 occurs through a mechanism
involving both IRX1 and WNT, as canonical WNT signaling is required for expression of
IRX1 in Xenopus [5,6]. This suggests that IRX1 acts as a downstream mediator between
WNT and BMP pathways. Further evidence for the role of IRX1 in specification of neural
fate comes from experiments in Xenopus where injection of IRX1 was able to promote a
neural fate, as seen by induction of SOX2 expression [6]. This suggests that IRX1 is
sufficient to promote neural fate. Loss-of-function experiments revealed that IRX1 is also
required in zebrafish for proper neural formation [7].

Similarly, loss of the entire IRX B cluster in mouse leads to malformations in forebrain
and spinal cord [8]. In chicken embryos, IRX1 is expressed in the midbrain and hindbrain,
as well as the spinal cord. Expression of IRX2 is limited primarily to the hindbrain, where
expression analysis suggests that it is most likely involved in the formation of the
cerebellum and subdivision of the midbrain and hindbrain. In addition, all of six IRX
genes are expressed in the forming digits of mouse and chicken embryos, suggesting a
role in digit identity and patterning [2]. These data suggest that the IRX genes play a
specific role in regionalization and specification of neural domains.

Upstream regulatory control of IRX1 and IRX2 has not been fully elucidated. During
Drosophila eye development iroquois genes act as dorsal selectors, and are regulated by
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hedgehog, wingless, and the JAK/STAT pathway [9,10]. In vertebrates, the GSX proteins
have been shown to repress iroquois gene expression in Xenopus, although no direct
binding to the iroquois regulatory region was demonstrated [11]. The iroquois genes act
on downstream genes by binding a unique motif, leading to transcriptional repression
[12]. Work in Xenopus identified Xiro1 as a repressor of BMP4, most likely through
direct binding to the promoter site [5]. Based on my work, several predictions could be
made regarding upstream regulation of IRX1 and IRX2. If misexpression of both genes
were due to a mutation in a regulatory region such as an enhancer, this would suggest the
presence of a new activator, or the loss of a repressor.

This is of great interest, as identification of novel activators/repressors is important to
future studies where manipulation of expression specifically within the chordoneural
hinge is required. Identification of a mutation within a regulatory site would also allow
for the identification of regulatory transcription factor(s) that normally bind the site
during upstream regulation of IRX1/IRX2. Furthermore, such regions have potential
therapeutic benefits. They could be targeted to drive expression of proneural genes, for
example, to replace lost neurons in degenerative brain diseases.

Neither IRX1 nor IRX2 is normally expressed within the progenitor population during
axis elongation. The failure to identify any small variants or mutations that segregate with
the rumpless phenotype within the coding region of IRX1 or IRX2, along with the
observation that there does not appear to be any change in patterning of the brain, suggest
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that both proteins are functioning correctly in these regions, further supporting the case
for regionally specific enhancer sites, such as those discovered in Sox2 [13]. In wellstudied models of axis truncation in mice, such as the vestigial tail mouse or the Tbrachyury mouse, the truncation results from a loss-of-function mutation, such as the
WNT3A hypomorphic mutation of the vestigial tail mouse, and Brachyury loss-offunction mutation in the T mouse [14,15]. The observed misexpression of IRX1 and IRX2
in the tailbud of rumpless Araucana suggests that rumplessness is caused by a gain-offunction mutation, which is the first incidence reported of a spontaneous gain-of-function
mutant causing truncation of the caudal axis.

It remains to be determined whether combined or separate IRX1 or IRX2 expression is
sufficient to cause the rumpless phenotype. Furthermore, it is unclear what effect
misexpression of IRX1/IRX2 has on stages outside of the range seen in Araucana. What
effect would misexpression of either IRX1 or IRX2 have on the tail progenitor population
at various times in development? In addition, it is unclear if there is a dose dependent
effect from the misexpression of IRX1/IRX2. Considering the evidence that the rumpless
trait in Araucana may have variable expressivity, it could be predicted that a dose
dependent effect would be seen with variable levels of ectopic expression of IRX1 or
IRX2 [16,17].

The chordoneural hinge has previously been defined in terms of its general location and
within a large region of overlapping marker gene expression [18,19,20]. Misexpression of
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IRX1 and IRX2 in AraucanaRp embryos occurs within a critical spatiotemporal window at
the onset of secondary body formation. I propose that this misexpression occurs
specifically in the chordoneural hinge progenitor population, which indicates that the
chordoneural hinge is a distinct and transcriptionally unique population from surrounding
tissues. Considering the role of IRX1/2 in promotion of neural identity and in neural
patterning, the misexpression of both genes in a progenitor population would be predicted
to cause a shift towards a neural fate, which is what I have observed.

Bipotential fate choice of the tail progenitor population
This study has not directly shown through experimentation the effect of ectopic
expression of IRX1/IRX2 on the progenitor population of the tail, however, predictions
can be made based on the timeline of changes in mesoderm and neural markers within the
AraucanaRp tailbud. The bipotential fate model suggests that the cells of the tail are a
mixed progenitor population that contributes cells to either the neural tube or mesodermderived tissues. TBX6, WNT3A, and brachyury, all have known roles in specifying
mesoderm in the cells of the tail [15,21,22,23,24,25,26].

In zebrafish, WNT signaling is both necessary and sufficient to drive specification of the
progenitor population towards a paraxial mesodermal fate [24]. Similarly, in mice
WNT3A is required for generation of paraxial mesoderm. Mice mutant for WNT3A
exhibited both a loss of somitic tissue and ectopic neural tissue [25]. This suggests the
identity of caudal cells is determined by local signaling.
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Similarly, in mutant TBX6 mice, ectopic neural tubes form, rather than paraxial
mesoderm [22]. TBX6 acts by inhibiting neural specification by binding the SOX2 N1
enhancer [21]. Considering the role of TBX6 in inhibiting neural cell fate, down
regulation of TBX6 in AraucanaRp permits the N1 enhancer to ectopically up regulate
SOX2 and switch mesoderm to a neural fate. This is supported in TBX6 knockout mice,
where ectopic SOX2 expression occurs within the paraxial mesoderm [21,22].

Based on this mouse model, I hypothesized that in AraucanaRp embryos would express
ectopic SOX2 in paraxial mesoderm. Unexpectedly, at HH16, down regulation of TBX6
expression is only observed in the caudal progenitor mesenchyme, with the presomitic
mesoderm continuing to express TBX6 normally. However, the presomitic mesoderm is
severely reduced or is absent by HH19/20, at approximately the same stage as when the
last somites are formed in AraucanaRp embryos. The failure to maintain the presomitic
population supports a model in which down regulation of TBX6 results in a switch of fate
toward the neural lineage, which removes progenitor cells from the cell cycle, which in
turn results in failure to generate sufficient presomitic mesoderm to support continuing
somitogenesis from the remaining progenitor population.

This pattern of regionally specific down regulation, involving the caudal mesenchyme is
different in mouse TBX6 knockouts where TBX6 expression is entirely lost. However,
paraxial mesoderm also switches fate, forming ectopic neural tubes [21,22,27]. During
secondary body formation, the tail of the mouse TBX6 knockout does begin to form, but
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is truncated by the generation of a mass of undifferentiated mesenchymal cells and
ectopic neural tubes [21,22,27]. This suggests that TBX6 is required for specification or
maintenance of mesoderm identity, and also to suppress neural identity, similar to the
caudal progenitor mesenchyme population in AraucanaRp.

Based on the finding from the above studies and the observation that all three genes are
down regulated within the tail of AraucanaRp I suggest that the remaining progenitor cells
within the tail adopt a neural rather than mesodermal fate. Examination of the posterior
tail following down regulation of the previously mentioned mesodermal signals revealed
ectopic neural tissue expressing SOX2. This supports a model in which AraucanaRp
progenitor cells have a bipotential fate choice, and a combination of proneural gene
misexpression and loss of mesoderm maintenance factors directs cell towards a neural
fate. However, this model is currently based on observational data and still requires
functional experimental support.

Changes in migration and proliferation
Primary body formation occurs through a combination of processes, including
proliferation, ingression through the primitive streak and cell migration in the presomitic
mesoderm among others [28]. However, mechanisms directing the origin and migration
of cells that contribute to secondary axis have not been fully elucidated. The remaining
primitive streak becomes the ventral ectodermal ridge during caudal axis elongation. Cell
ingression is required for proper formation of the tail [29]. In AraucanaRp, the basal
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lamina of the ventral ectodermal ridge is degraded, theoretically allowing ingression to
take place. However, it is unclear if there is an effect on the number of ingressing cells in
AraucanaRp embryos, as the breakdown of the basal lamina does not appear identical to
controls. Furthermore, the effect of changing the rate or number of cells ingressing on tail
elongation remains to be determined.

Early studies on proliferation within the elongating tail revealed a general rate of
proliferation with no heavily mitotic population identified in chicken embryos [30,31].
More recent work has found that the chordoneural hinge population is proliferating and
self renewing, whereas the more posterior tailbud mesenchyme is not [32,33].
Proliferation in AraucanaRp embryos appears normal until HH17, when the location of
proliferating cells between tailed and rumpless embryos diverges. AraucanaRp embryos
have very little proliferation within the posterior tailbud population and chordoneural
hinge. The decrease in proliferation in this crucial population is further evidence that cells
of the progenitor population are switching to a neural fate, undergoing premature
differentiation and exiting the cell cycle.

Maintenance of the tailbud progenitor population
The end of somitogenesis normally occurs in chick at approximately HH25, when the
remaining unsegmented presomitic mesoderm expresses RALDH2, leading to exposure of
the tailbud to retinoic acid, coinciding with increased levels of apoptosis [34,35]. The
current hypothesis is that apoptosis removes any remaining unsegmented presomitic
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mesoderm and progenitor cells through exposure to retinoic acid [31,34,35]. In
AraucanaRp embryos there is no change in regional expression of RALDH2, rather there is
a down regulation of CYP26A1 in the tailbud at HH16, indicating that premature
apoptosis results from a failure to protect the tailbud from retinoic acid, rather than
aberrant expression of RALDH2. Interestingly, although the Araucana model does not
appear to recapitulate the precise mechanism of axis termination seen during normal tail
development, it is similar to axis termination in mice. In mouse embryos, although there
is an increase in expression of RALDH2, it does not coincide with an increase in retinoic
acid activity [34]. However, there is a similar decrease in the protective effect of
CYP26A1 at the end of somitogenesis, suggesting that in both mouse and AraucanaRp
embryos the onset of axis of termination is induced by exposure of the remaining
unsegmented presomitic mesoderm to retinoic acid.

Both TBX6 and CYP26A1 expression are down regulated in AraucanaRp embryos at
HH16. The relative contributions due to loss of TBX6 in the progenitor population
causing a switch in fate, and exposure to retinoic acid due to the down regulation of
CYP26A1 resulting in premature cessation of somitogenesis, remains to be determined.
Further studies will elucidate the downstream effects iroquois misexpression, and
determine if iroquois can directly bind and regulate either TBX6 or CYP26A1.

In conclusion, I have identified a novel gain-of-function mutation in AraucanaRp embryos
that results in misexpression of the proneural IRX1 and IRX2 genes within the caudal
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progenitor population required for proper secondary body formation. This triggers a
cascade of events, including altered gene expression patterns, failure of cell fate
maintenance, cell fate switches, changes in migration, proliferation and apoptosis, which
together result in axial truncation.

The Araucana chicken breed, carrying the rumpless phenotype has proved to be a
valuable model in identifying a novel genetic mutation and in understanding axial
elongation. This model promises to continue informing our understanding of normal
secondary body axis formation and elucidating the genetic and molecular mechanisms
required for axial elongation. Moreover, the malformation observed in this breed may be
critical to understanding human caudal pathogenesis. Finally, ongoing studies to identify
the causative mutation offers the promise of identifying important genetic targets for
treating both congenital malformations and manipulating cell fate and proliferation in
degenerative brain disorders.
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